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Abstract 
Traditional coral reef monitoring efforts lack assessment of coral health at tissue and 
cellular levels.  This thesis investigated tissue, cellular, and gross morphological 
responses of the Caribbean staghorn coral, Acropora cervicornis, to elevated 
sedimentation and phosphate using state-of-the-art histological techniques.  Branch 
fragments of A. cervicornis were collected offshore Broward County, FL, acclimated for 
12 weeks, subjected to a 4-week experimental period, and given a 1-week recovery 
period in laboratory aquaria.  Treatments consisted of high doses (200 mg cm-2 day-1) of 
sedimentation (S), phosphate (4 µM) (P), and a combination of these two (S + P), in 
addition to control conditions (C).  Specimens were observed and photographed for gross 
morphological appearance.  One specimen per tank was sacrificed for histological 
purposes weekly.  Specimens were also sacrificed in the field and during acclimation for 
baseline comparison. 
The following gross morphological changes were more common in treatments relative to 
acclimated and control specimens:  polyp retraction, discoloration (including palor and/or 
bleaching), excess mucus, and loss of white apical tips.  For sanded treatments, 
sediment-clearing rates declined from ≤ 2 hours to up to 24 hours after four weeks of 
daily exposure.  After the recovery period, all remaining specimens showed slight 
improvement in gross morphological appearance. 
Degenerative histopathological changes in the epidermis included attenuation, decreased 
abundance and atrophy of mucocytes, and loss of cellular architecture.  In the 
gastrodermis, attenuation, mucocyte swelling followed by atrophy, compromised 
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integrity and reduced densities of zooxanthellae, and necrosis were observed.  In the 
calicoblastic epidermis, mucocyte swelling (S, S + P only) and an increase in eosinophilic 
granules were noted.  In the mesenteries, changes included loss of gonad development, 
loss of basophilia, dissociation and/or necrosis of filaments and cnidoglandular bands.   
Quantitative histological measurements in the oral epidermis revealed significantly 
different decreases in mucocyte abundance with exposure to treatments and additive or 
synergistic effects of sand and phosphate.  Semi-quantitative results were obtained by 
separately ranking 16 histologic parameters within major coral tissue types.  Ranks of 
each parameter were combined to give a histopathologic condition score for each 
specimen.  Median condition scores for each treatment increased during Weeks 1 to 4, 
and significant differences were found between treatments in Weeks 1 to 3.  Highest 
scores consistently appeared in S and/or S + P treatments throughout Weeks 1 to 4.  
Histopathological responses and severity of changes were similar for all treatments, 
without a clear additive or synergistic effect in the S + P treatment.  During the recovery 
period, the P treatment continued to decline in overall tissue condition, while S and S + P 
treatments showed signs of tissue recovery.  Acclimated and control corals also exhibited 
similar, yet less severe, patterns of gross morphologic and histopathologic alterations, 
indicating tank effects. 
Changes described at organismal, tissue, and cellular levels in this study were indicative 
of compromised health of coral specimens and may aid future health assessment and 
monitoring of critical populations of A. cervicornis in Florida and the greater Caribbean, 
with additional applications to the fields of coral stress and disease. 
2
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1.0  INTRODUCTION 
1.1  Stresses to Coral Reef Ecosystems 
Coral reefs are facing a worldwide degradation crisis (Hallock, Muller-Karger, and Halas, 
1993; Hoegh-Guldberg, 1999; Risk, 1999; Knowlton, 2001).  Massive bleaching events 
and disease epizootics have affected reef-building corals on a global scale, exposing the 
vulnerability of these organisms to changes in the marine environment.  Reef-building 
corals comprise the coral animal, symbiotic dinoflagellate protists (zooxanthellae), and 
microbiota (Wegley et al., 2004; Woodley, 2006); an association commonly referred to as 
the coral “holobiont” (sensu Margulis, 1993). 
Perturbations to the balance between these key species interactions may be limiting 
physiological tolerances of corals.  Primary threats to coral reefs include global climate 
change, rising sea surface temperatures, sedimentation, over-fishing, eutrophication, 
pollution, and disease (Knowlton, 2001; Woodley et al., 2003; Buddemeier, Kleypas, and 
Aronson, 2004).  Although reef-building corals have successfully adapted to alterations 
in the physical environment for well over 200 million years (Veron, 1995; Wood, 1999), 
the above-stated anthropogenic pressures have caused unnaturally rapid changes.  The 
additive and synergistic effects of these global, regional, and local stressors may inhibit 
survival and recovery of coral reefs (Knowlton, 2001; Agardy, 2004). 
1.1.1  Sedimentation  
Sedimentation is thought to be one of the most influential parameters affecting coral 
abundance, growth, and zonation (Marshall and Orr, 1931; Dodge and Vaisnys, 1977; 
Hubbard, 1986; Ginsburg, 1993).  Reefs experience periodic sediment loading from 
3
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natural sources, such as storms, hurricanes, and river run-off (Hands, French, and 
O’Neill, 1993); however, framework-building corals generally occur in regions with high 
wave energy and little suspended sediments.  Coral reef development, species richness, 
and accretion rates increase with increasing distance from sources of runoff and 
sedimentation (Rogers, 1990).  Anthropogenic sources of sedimentation, such as 
deforestation, coastal development, dredging, and beach management programs, have all 
increased sediment loading of the coastal ocean (Rogers, 1990; Jaap, 2000). 
Despite a sessile existence, scleractinian corals have adapted ways of shedding sediment; 
they are able to passively remove sediments with morphological adaptations (Hubbard, 
1972; Riegl, 1995) and actively remove sediments by hydrostatic inflation of tissues, 
secretion of mucus, and ciliary and/or tentacular action (Hubbard, 1972; Hubbard and 
Pocock, 1972; Schumacher, 1979; Riegl, 1995).  Yet, these adaptations are only effective 
at removing a relatively low input of sediments (Dodge, Aller, and Thompson, 1974) and 
active removal is considered energetically costly (Riegl and Branch, 1995). 
High levels of sedimentation are harmful to scleractinian corals.  Sediment grains can 
abrade external tissues (Anthony and Fabricius, 2000; Vargas-Ángel et al., 2006a); 
physically interfere with heterotrophic feeding of polyps (Rogers, 1990); and smother 
tissues, depriving corals of oxygen and light (Lasker, 1980; Rogers, 1983; Anthony and 
Fabricius, 2000).  Corals may also lose symbiotic zooxanthellae (Peters and Pilson, 1985; 
Philipp and Fabricius, 2003) and suffer damage and/or necrosis at the tissue level (Peters 
and Pilson, 1985; Riegl, 1995; Gleason, 1998; Vargas-Ángel et al., 2006a).  
Sedimentation increases turbidity, subsequently shading corals (Dodge and Vaisnys, 
4
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1977; Rogers, 1990; Gleason, 1998; Anthony and Fabricius, 2000), and increases energy 
expenditure due to mucus production (Dodge and Vaisnys, 1977; Lasker, 1980; Rogers, 
1983; Riegl and Branch, 1995; Anthony and Fabricius, 2000).  Consequently, microbial 
activity on coral tissues may increase (Hodgson, 1990), and photosynthesis to respiration 
(P/R) ratios may decrease (Kendall et al., 1985; Abdel-Salam and Porter, 1988; Riegl and 
Branch, 1995).  Severe sedimentation may also cause burial and rapid death to portions of 
or the entire colony (Marshall and Orr, 1931; Lasker, 1980; Rogers, 1983). 
Long-term effects of chronic sedimentation include reduced skeletal growth and 
calcification rates (most likely as a result of shading) (Dodge et al., 1974; Bak, 1978; 
Kendall et al., 1985; Suresh and Mathew, 1995; Torres, 2001), reduced reproductive 
capacity (Kojis and Quinn, 1984), and recruitment inhibition (Lasker, 1980; Cortes and 
Risk, 1985; Rogers, 1990).  These changes have the potential to decrease coral cover and 
species diversity, altering the structure of the reef community (Hubbard, 1986; Rogers, 
1990).  Even after active sediment-producing activities cease, corals may experience 
chronic stressful conditions from resuspension of sediments and increased turbidity, 
impairing future growth (Aller and Dodge, 1974; Dodge and Vaisnys, 1977; Cortes and 
Risk, 1985). 
Case studies exemplify deleterious impacts from sediment loading on coral growth and 
survival.  Dodge and Vaisnys (1977) documented decreased coral diversity and growth, 
in addition to mass mortality, in a Bermuda harbor exposed to several years of dredging.  
Similarly, Marzalek (1981) found signs of stress and partial mortality in scleractinians 
exposed to dredging off the southeast coast of Florida over a five year period.  In Costa 
5
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Rica, coral growth rates were slowed and larval recruitment inhibited due to sediment 
loading caused by deforestation (Cortes and Risk, 1985) and/or seasonal and 
storm-induced erosion of beach sediments (Hands et al., 1993). 
1.1.2  Eutrophication/Nutrification 
Local and regional coastal anthropogenic nutrification is an eminent threat to coral reefs 
(Tomascik and Sander, 1985; Glynn, 1997; Knowlton, 2001; but see Szmant, 2002) and 
expected to increase proportionally with exponential human population growth 
(Walsh et al., 1981 as cited in Hallock et al., 1993).  Excess nutrients, mostly in the form 
of inorganic nitrogen and phosphate compounds, from fertilizers, raw and treated sewage, 
and animal wastes are entering coastal waters via rivers, watersheds, and outfalls 
(Pastorak and Bilyard, 1985; Lapointe, 1997; Agardy, 2004).  Today, the Mississippi 
River has ten times the amount of nitrate and phosphate compared to the 1960’s (Redalje 
et al., 1991 as cited in Hallock et al. 1993), resulting in an expanded oxygen-depleted 
zone in the Gulf of Mexico.  In the Amazon River basin, phosphate levels increased eight 
times following deforestation (Williams, 1991; Hallock et al., 1993). 
 
It is believed nutrification creates unfavorable conditions for coral reefs, primarily by 
altering its’ trophic structure (Richmond, 1993; Muller-Parker and D’Elia, 1997).  
Elevated nutrients often cause plankton blooms, resulting in increased suspended 
particulate matter, turbidity, and attenuation of light in the water column (Tomascik and 
Sander, 1985; Muller-Parker and D’Elia, 1997).  Higher plankton concentrations favor 
heterotrophic filter-feeding invertebrates, which can lead to significant bioerosion of 
corals (Pastorak and Bilyard, 1985; Kinsey, 1988; Hallock, 1988; Glynn, 1997). 
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Increased nutrients also favor growth of certain species of fleshy macroalgae (Kinsey and 
Davies, 1979; Walker and Ormond, 1982; Hatcher, 1997; Chazottes, Le Campion-
Alsumard, Peyrot-Clausade, and Cuet, 2002; Lapointe, Matzie, and Barile, 2002) 
unpalatable to grazers, which out-compete corals for space and decrease suitable 
substrate for coral larval settlement (Wittenberg and Hunte, 1992).  Nutrients may also 
augment populations of boring clionid sponges (Hallock et al., 1993; Ward-Paige et al., 
2005), red tides, and outbreaks of Crown of Thorns starfish (Acanthaster planci) 
(Richmond, 1993).  At the community level, these changes may cause a shift from coral 
to algal-dominated reefs (Pastorak and Bilyard, 1985; Tomascik and Sander, 1987a; 
Wittenberg and Hunte, 1992; Hallock et al., 1993). 
 
In coral populations, increased nutrients have been linked to reduced growth rates 
(Tomascik and Sander, 1985; Stambler et al., 1991; Wittenberg and Hunte, 1992; 
Ferrier-Pages et al., 2001), increased mortality of adults and juveniles (Walker and 
Ormond, 1982; Wittenberg and Hunte, 1992), depressed sexual reproductive capacity 
(Tomascik and Sander, 1987b; Richmond, 1993; Koop et al., 2001; Cox and Ward, 
2002), decreased larval abundance (Tomascik and Sander, 1985), and decreased 
recruitment in both number and species diversity (Hunte and Wittenberg, 1992). 
1.1.2.a  Increased Phosphate 
Non-point sources of anthropogenic phosphate in coastal waters include runoff that 
contains fertilizers and groundwater contaminated by agricultural and urban development 
(Tomascik and Sander, 1985; Lapointe, Barile, and Matzie, 2004).  In the Florida Keys, 
groundwater may have higher levels of phosphate due to contamination by septic tanks 
7
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(Lapointe et al., 1990 as cited in Szmant and Forrester, 1996).  The primary point-sources 
of anthropogenic phosphate to coastal waters are sewage outfalls (Walker and Ormond, 
1982; Pastorak and Bilyard, 1985), which  can be particularly harmful in developing 
countries where sewage is often untreated and discharged directly into coral reef lagoons 
(Koop et al., 2001). 
Total phosphate (TP) concentrations on coral reefs vary globally (Table 1); however, 
compiled data from a worldwide database, ReefBase 1996, show a mean of 0.13 µM 
(range of 0 to 0.54 µM).  A “high” concentration was defined by the same study as 
greater than 0.4 µM (Kleypas, McManus, and Meñez, 1999).  Sub-tropical surface waters 
are usually less than 0.3 µM (Crossland, 1983; Furnas, 1991). 
Values for the Florida Reef Tract range between 0.07 and 0.29 µM (Szmant and 
Forrester, 1996).  Natural upwelling events in the Florida Keys from the Tortugas Gyre 
and the Florida Current, in addition to nutrient-rich waters from Florida Bay, may be 
natural sources of phosphate for the Florida Reef Tract (Szmant and Forrester, 1996), 
making it difficult to pinpoint anthropogenic sources.  On the southeast Florida coast, a 
recent study by LaPointe et al. (2005) found a mean soluble reactive phosphorus 
concentration of 0.29 µM during June, July, and August (encompassing part of the rainy 
season) for reef waters in southern Palm Beach and northern Broward Counties.  Broward 
County Environmental Protection Department (BCEPD) reported a mean total phosphate 
concentration of 0.48 μM in bottom waters near the A. cervicornis thicket where samples 
for this study were collected. 
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Table 1.  Summary of phosphate concentrations found in worldwide and local coral reef waters. 
 
Study/Source Location Mean Total Phosphate (µM) 
Stimson et al., 2001 Kaneohe Bay, HI 0.08 
ReefBase, 1996 Worldwide Mean 0.13 
Crossland, 1983; Furnas, 1991 Sub-Tropical Surface Water Mean < 0.30 
Szmant and Forrester, 1996 Florida Reef Tract 0.07 to 0.29 
LaPointe et al., 2005 Palm Beach and Broward County, FL > 0.29 
BCEPD, 2006 Broward County, Dave’s Patch 0.48 
 
Field studies have found reduced growth and calcification rates among corals exposed to 
high phosphate levels.  In the Red Sea, death rates of corals exposed to phosphate from 
apatite dust and treated sewage (0.96 µM), were four to five times greater than controls 
(0.26 µM) (Walker and Ormond, 1982).  Kinsey and Davies (1979) attributed > 50 % of 
suppressed calcification rates, in part, to phosphate “poisoning” after fertilization of patch 
reefs on the Great Barrier Reef.  Laboratory studies have also shown an inverse 
relationship between high phosphorus levels and growth rate (Ferrier-Pagès et al., 2000; 
Renegar and Riegl, 2005).  Phosphate may affect the coral community by decreasing 
species diversity (Walker and Ormond, 1982) and reducing successful larval settlement 
(Ward and Harrison, 1997). 
Harmful effects of phosphate on coral physiology are not clearly understood. 
Calcification may be inhibited by the formation of complex phosphate ions 
(orthophosphate), which attach to crystals of calcium salts and disrupt calcium carbonate 
crystal formation (Simkiss, 1964).  Phosphate (and other nutrients) may also enhance 
growth of zooxanthellae to the point of self-shading, which may lead to reduced 
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photosynthetic efficiency (Hoegh-Guldberg and Smith, 1989 as cited in 
Ferrier-Pagès et al., 2001; Dubinsky et al., 1990) and/or a reduced supply of dissolved 
inorganic carbon available for calcification (Stambler et al., 1991; Marubini and 
Davies, 1996; Szmant, 2002). 
1.2  Review of the Caribbean Staghorn Coral, Acropora cervicornis 
Since the early Holocene, the staghorn coral, A. cervicornis, along with its congener, the 
elkhorn coral, A. palmata, have historically (pre-1980’s) been recognized as the most 
important framework-building corals in the Caribbean (Gladfelter, Monohan, and 
Gladfelter, 1978; Bruckner, 2002; Precht et al., 2002; Federal Register, 2006), providing 
unmatched reef accretion, fisheries habitat, and coastal protection (Bruckner, 2002; 
Federal Register, 2006).  Since the early 1980’s, Caribbean acroporids have suffered a 
drastic, basin-wide decline (Aronson and Precht, 2001; Shinn et al., 2003), unprecedented 
in the geologic record (Aronson and Precht, 2001; Wapnick, Precht, and Aronson, 2004).  
White Band Disease (WBD), rising sea surface temperatures, and storms have been 
identified as primary causes (Aronson and Precht, 2001; Bruckner, 2002; Federal 
Register, 2006), responsible for 80 % to 98 % mortality of monitored Acropora 
populations in recent decades (Bruckner, 2002; Miller, Bourque, and Bohnsack, 2002).  
The rapid demise prompted the United States National Marine Fisheries Service (NMFS) 
to add A. cervicornis and  A. palmata to the Candidate Species List of the Endangered 
Species Act (ESA) in 1991 and again in 1999 (Bruckner, 2002).  In May 2006, after the 
final ruling, they became the first corals to receive threatened status and associated 
federal protection under the ESA (Federal Register, 2006). 
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Figure 1.  (A) A colony of Montastraea faveolata surrounded by A. cervicornis in the Florida 
Keys National Marine Sanctuary in 1971.  (B) Same area in 1992 showing a dramatic loss of 
A. cervicornis.  Photos by Eugene Shinn, USGS. 
 
Despite recent losses throughout the Caribbean, monospecific thickets of A. cervicornis 
located in nearshore waters off Fort Lauderdale, Florida are thriving (Thomas, Dodge, 
and Gilliam, 2000; Vargas-Ángel, Thomas, and Hoke 2003).  Approximately 12 distinct 
thickets, ranging in size from 0.1 to 0.8 hectares, have been documented (Vargas-Ángel 
et al., 2003).  Average coral cover in the thickets range between 5 % to 28 %, with 
A. cervicornis comprising 87 % to 97 % of all scleractinians (Vargas-Ángel et al., 2003).  
A recent local study found higher reef fish abundance on these thickets compared to 
cobble/rock habitats (Weaver et al., 2001).  Fish assemblages on these thickets are unique 
compared to other habitats in Broward County and are dominated by high densities of 
juvenile grunts (Haemulon spp.), which utilize the branching complexity as a predatory 
refuge (L. Jordan, pers. comm.).  These thickets represent the northernmost stand of 
A. cervicornis in the continental U.S. and one of the northernmost stands in the 
Caribbean.  Their robustness, despite heavy anthropogenic influence, as compared to 
disease-stricken populations of the greater Caribbean presents an interesting case for 
additional research and conservation (Vargas-Ángel et al., 2003). 
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Although these unique thickets are thriving, their close proximity to a densely populated 
region, highly urbanized shoreline, and major commercial port make them susceptible to 
regional and local anthropogenic stressors, such as sedimentation, nutrification, pollution, 
and ship groundings (Thomas et al., 2000).  Dredging for beach renourishment programs 
in Broward County and maintenance dredging for deep-water access to Port Everglades 
cause periodic pulses of heavy sedimentation and turbidity.  Chronic turbidity from the 
resuspension of sediments on the renourished beaches may also pose a threat.  
A. cervicornis may be especially vulnerable to such conditions, as it is reported to have a 
moderate to low sedimentation threshold (Bak and Elgershuizen, 1976; Rogers, 1990; 
Federal Register, 2006).  Nutrification of coastal waters off Broward County may be 
occurring via agricultural runoff into the South Florida watershed, local urban runoff into 
Port Everglades, and point-source sewage outfalls, all of which are likely contributing to 
unfavorable conditions for coral growth.  Land-based pollutants such as heavy metals, 
pesticides, and polycyclic aromatic hydrocarbons (PAH’s) contaminate run-off in urban 
areas and represent another potential source of stress for reef corals off Broward County, 
Florida.  Commercial ship groundings near Port Everglades and its associated offshore 
anchorage also pose a threat to coral habitat.  White Band Disease is another known 
source of stress and mortality to the local A. cervicornis population, although prevalence 
is relatively low (mean, ~1.8 %) (Vargas-Ángel et al., 2003).  These local and regional 
sources of stress, in concert with global climate change, have the potential to irreversibly 
impact one of the last A. cervicornis strongholds in the greater Caribbean region. 
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1.3  Use of Histopathology to Assess Health Status of Corals 
Traditional monitoring methods for reef-building corals rely on divers’ observation and 
description of gross morphological features, such as coloration, percent live cover, and/or 
percent mortality, to determine their relative condition.  These methods are limited by 
difficulties in recognizing stress in corals before partial mortality has occurred (Peters et 
al., 1981; Harriot, 1993; Downs et al., 2005).  Applications from the fields of histology, 
molecular biology, cellular diagnostics, and genetics have been applied as part of a new 
“paradigm” in coral reef monitoring efforts in attempts to recognize stress earlier and 
better predict coral health versus conventional monitoring alone (Downs et al., 2005). 
Comparative histopathology has been a valuable tool in studying the health of marine 
invertebrates exposed to environmental stressors (Hinton et al., 1992; Yevich and Yevich, 
1994).  Studies by Peters (1984a,b; Peters and Pilson, 1985) were among the first to apply 
these methods to examine stress in corals.  Histopathology has since been employed in 
many studies examining coral stress and disease (Peters, 1984b; Glynn, Peters, and 
Muscatine, 1985; Peters and Pilson, 1985; Bythell et al., 2002; Work and Rameyer, 2005; 
Vargas-Ángel et al., 2006a).  Together, these studies serve as an important baseline of 
both normal and pathological histology for many scleractinian species.  A recent national 
research plan by the National Oceanic and Atmospheric Administration’s Coral Disease 
and Health Consortium (CDHC) underscored the need for additional measures of coral 
health under both normal and diseased states at tissue and cellular levels (Woodley 
et al., 2003). 
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This thesis evaluated histopathological responses of local experimental specimens of 
A. cervicornis to high doses of sedimentation and phosphate in a controlled laboratory 
setting.  This study aimed to examine and describe the effects of these real-world 
stressors on tissues and cells of A. cervicornis and evaluate potential differences in 
diagnostic histopathologic criteria for sedimentation and phosphate stress. 
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2.0  OBJECTIVES AND HYPOTHESES 
The primary objective of this study was to describe the histopathological effects of 
increased sedimentation and phosphate concentration on experimental specimens of 
A. cervicornis.  The following were more specific objectives of the study: 
 
1) Define gross morphological and histopathological diagnostic criteria to assess the 
effects of increased sedimentation and phosphate in A. cervicornis; 
 
2) Quantify the effects of increased sedimentation and phosphate based on 
histopathological changes in A. cervicornis; 
 
3) Contrast the gross morphological and histopathological diagnoses between 
sedimentation stress and increased phosphate concentrations; and 
 
4) Contrast coral stress responses based on gross morphological versus 
histopathological changes. 
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Hypotheses: 
H10:  Exposure to increased levels of sedimentation and phosphate concentration does 
not result in morphological and behavioral alterations in experimental specimens of 
A. cervicornis. 
H1:  Exposure to increased sedimentation and/or phosphate concentration does result in 
morphological and behavioral alterations in experimental specimens of A. cervicornis. 
H20:   Exposure to increased sedimentation and/or phosphate concentration does not 
result in tissue alterations in experimental specimens of A. cervicornis. 
H2:  Exposure to increased sedimentation and/or phosphate concentration does result in 
tissue alterations in experimental specimens of A. cervicornis. 
H30:  Morphological and/or histopathological responses to increased sedimentation do 
not differ from the morphological and/or histopathological responses to increased 
phosphate concentration. 
H3:  Morphological and/or histopathological responses to increased sedimentation do 
differ from the morphological and/or histopathological responses to increased phosphate 
concentration. 
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3.0  MATERIALS AND METHODS 
3.1  Study Area/Collection Site 
Study specimens were collected from a monospecific thicket of A. cervicornis offshore 
Broward County, at a site known as “Dave” (26 08.972 N, 80 05.792 W), located 
approximately 380 meters offshore Fort Lauderdale Beach.  This thicket is approximately 
5,030 m2 in size (Figure 2A).  Live coral cover is approximately 28 %, with 
A. cervicornis accounting for 26 % of the total scleractinians (Vargas-Ángel et al., 2003).  
The area surrounding the thicket is primarily characterized by hard bottom with turf 
algae, and water circulation patterns are dominated by the Florida Current (Vargas-Ángel 
et al., 2003). 
On three separate outings from late October to early December 2004, 150 A. cervicornis 
fragments were collected via SCUBA.  An extremely active hurricane/tropical storm 
season in 2004 prevented a shorter collection timeframe.  Fragments were collected from 
approximately 12 haphazardly-selected, healthy-looking parent colonies at a depth of 6 
meters (Figure 2B).  Branch tips approximately 8 cm in length, with an axial growth 
orientation and white tips (a sign of new growth), were harvested using garden clippers.  
Approximately 20 fragments were collected at one time in a Ziploc® plastic bag, brought 
to the boat, and immediately transferred to a large cooler of ambient seawater.  Each 
fragment was placed in a compartment of a plastic tackle box within the cooler, to 
prevent interaction among fragments and abrasions from rolling during transfer. 
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Water changes were performed every 20 minutes with fresh seawater during collection 
and transportation to remove shed mucus and fouled water.  Approximately two hours 
elapsed between collection and arrival to the laboratory. 
 
 
 
Figure 2.  (A) Laser Airborne Depth Sounder (LADS) image of a portion of Broward County, 
Florida, with collection site in yellow. (B) Several representative donor colonies at collection site. 
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3.2  Coral Husbandry and Acclimation 
Upon arrival to the laboratory, fragments were left in the cooler and slowly acclimated to 
aquaria system water (50/50 filtered natural/synthetic seawater) by performing small 
volume water replacements for two hours.  Fragments were then transferred to a 
40-gallon tank within an established 160-gallon “holding system” (Figure 3A) and glued 
to plastic “frag plugs” (Oceans Reefs and Aquariums, Inc.) using cyanoacrylate gel glue 
(Future Glue Gel®).  Fragments were placed on a stand made of egg crate and PVC pipe, 
which neatly held fragments upright and high in the water column of the tank 
(Figure 3B). 
The laboratory “holding system” utilized throughout the 3-month acclimation period 
consisted of a 520-L (160-gallon), closed system made of four connected, 150-L 
(40-gallon) glass “breeder” tanks (with one used as sump).  Biological filtration was 
aided by Bioballs® in the wet/dry compartment of the sump and by a layer of live 
aragonitic sand (CaribSea®), approximately 1-inch thick, on the bottom of each tank.  
Mechanical filtration included blue-bonded filter pad, protein skimming (EuroReef®, 
model CS8-4, 80 L) and ultraviolet (UV) sterilization (Emperor Aquatics, model # 02025, 
25 watt).  Flow rate was approximately 947.5 liters per hour (LPH) or 250 gallons per 
hour (GPH).  Additional flow in the tank containing fragments was achieved with four 
small power heads (Rio® 50) that provided an additional 947.5 LPH (250 GPH) of flow, 
for a total flow rate in the tank of approximately 1,895 LPH (500 GPH) (Figure 3B). 
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Figure 3.  (A) Laboratory “holding system” utilized during acclimation period.  (B) Close-up of 
experimental fragments and tank during acclimation period. 
 
Artificial lighting was achieved with a custom-built light box fitted with a reflector and 
two Iwasaki, 400-watt, 6,500 K metal halide bulbs, that hung approximately 30 cm above 
the waterline, with a photoperiod of 12 hours.  Cooling fans were run during the 
photoperiod to facilitate evaporative cooling and temperature consistency, which ranged 
from 23 ºC to 27 ºC, measured daily using a NIST-traceable mercury thermometer 
(accuracy ± 0.1 °C) (Cole-Parmer Instrument Co.). 
Salinity was measured daily with a hand-held refractometer (accuracy ± 1.0 ppt) (Atago® 
ATC-S/Mill-E) and maintained between 34 and 36 parts per thousand (ppt) with small, 
daily additions of reverse osmosis water and bi-monthly water changes.  Natural seawater 
utilized in water changes was collected during incoming high tides at the north end of 
John U. Lloyd beach, filtered with a 100 μM pad), and mixed with equal parts synthetic 
seawater.  The pH ranged from 8.0 to 8.2 and was measured daily with a PinPoint® pH 
meter (accuracy ± 0.01) (American Marine).  Kalkwasser® was dripped into the sump 
nightly to stabilize pH and alkalinity. 
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Fragments were fed newly hatched, frozen Artemia franciscana nauplii (baby brine 
shrimp, San Francisco Bay®) defrosted in seawater.  A plastic pipet to was used to 
distribute food around coral fragments.  Each tank was fed 5 mL of this food every 
other day. 
Approximately 30 % of specimens showed signs of partial mortality via rapid tissue 
necrosis (RTN) and were not suitable for experimental use.  These specimens were 
removed and preserved for later histopathological comparison to experimental specimens.  
In some cases, healthy portions of fragments were salvaged by cutting off the affected 
portion (usually at the base) and re-gluing to the frag plug. 
3.3  Laboratory Experiment 
After acclimation, fragments were haphazardly distributed among 16 experimental tanks 
(20.8 L/5.5 gallon) (Figure 4B), with six fragments per tank (Figure 4A).  A second 
acclimation period of 2 weeks ensued to allow corals to adjust to the smaller, 
experimental aquaria.  The aquaria were equipped with biological power filters 
(Aquaclear Mini®) and small power heads (Rio® 50), which, together, provided a flow 
rate of approximately 600 LPH (160 GPH).  Ultraviolet-sterilized and 
biologically-filtered seawater from the holding system (50/50 filtered natural/synthetic 
seawater), was utilized throughout the experiment.  Salinity, temperature, and pH were 
measured daily in the same manner described for the acclimation period.  Ammonia 
and/or nitrate were measured every other day using Aquarium Pharmaceuticals® and 
LaMotte® test kits, respectively. Water changes (50 %) were performed bi-weekly. 
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The same lighting system used during acclimation was moved over experimental aquaria, 
with two identical light boxes, and larger cooling fans (Figure 4B).  The photoperiod 
remained the same (12 hr).  Each tank was fed 5 mL Artemia every other day, as 
described for the acclimation period. 
 
 
 
Figure 4.  (A) Close-up of one of the experimental tanks.  (B) Experimental aquaria set-up. 
 
3.3.1  Exposure to Various Stressors 
Successfully acclimated specimens were exposed to the following treatments for 
4 weeks:  sedimentation, phosphate enrichment, sedimentation plus phosphate 
enrichment, and a control.  The experimental period was followed by a 1-week recovery 
period.  Each treatment was replicated by 4 tanks, for a total of 16 tanks and 96 coral 
fragments.  One specimen from each tank was removed at the beginning of the 
experiment, after each week of treatment, and after the recovery period to determine 
corals’ responses over time. 
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Treatment 1:  Increased Sedimentation 
Sand for the experiment was collected via SCUBA from a sand bed approximately 10 
meters east of the collection site (Figure 2), from a depth of approximately 8 meters.  
Sand was transported to the laboratory, thoroughly rinsed by decanting with fresh water, 
and desiccated at 100 ºC in a drying oven for several days to kill microorganisms. A 
grain-size analysis was performed by obtaining three representative sub-samples using a 
Humbolt splitter and shaking each sub-sample for 15 minutes on a portable dry sieve 
shaker (Combustion Engineering) with U.S.A. Standard Test Sieves (Fisher Scientific) of 
mesh sizes:  500, 355, 250, 180, 150, 125, 90, and 63 μm.  The size composition of this 
source sand was as follows:  > 500 µm, 8.8  ± 1.8 %; 500 to 355 µm, 17.6 ± 0.6 %; 
355 to 250 µm, 28.4 ± 0.7 %; 250 to 180 µm, 25.6 ± 2.1 %; 180 to 125 µm, 13.0 ± 0.3 %; 
125 to 90 µm, 1.8 ± 0.2 %; 90 to 63 µm, 0.7 ± 0.1 %; < 63 µm, 2.1 ± 0.1 % (mean ± SD % 
of dry weight) (Table 2).  Only size fractions smaller than 250 µm, including fine sand 
(250 to 63 µm) and silts and clays (< 63 µm), were utilized in the experiment to increase 
suspension time.  Also, due to the branching morphology and small polyp/calyx size of 
A. cervicornis, coarse and medium sand grain-size fractions (500 to 250 µm) were not 
presumed as likely to settle on tissue as finer fractions.  A second grain size analysis was 
performed on this experimental portion, which had a size composition of 250 to 180 µm, 
48.7 ± 11.2 %; 180 to 125 µm, 38.3 ± 8.4 %; 125 to 90 µm, 5.6 ± 1.1 %; 90 to 63 µm, 
1.8 ± 0.1 %; < 63 µm, 3.0 ± 0.3 % (mean ± SD % of dry weight) (Table 2). 
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The source composition of both collected and experimental sand was determined by 
obtaining three representative sub-samples, weighing them, dissolving the carbonate 
fraction in Erlenmeyer flasks with 10 % hydrochloric acid (HCl) for 18 to 24 hours, 
filtering onto filter paper (Whatman 2V, 24 cm), drying for 72 hours in a 60 ºC oven, and 
re-weighing.  The result for the source sand was 62.7 ± 2.4 % carbonate and 37.3 ± 2.4 % 
siliclastic/terrigenous.  The result for the finer, experimental sand was 28.2 ± 0.3 % 
carbonate and 71.8 ± 0.3 % siliclastic/terrigenous (mean ± SD % of dry weight) (Table 3). 
Experimental sanding entailed a fixed amount of sand sprinkled across the water surface 
of the tanks daily, following the procedure of Rogers (1983) and Peters and Pilson 
(1985), at a rate of approximately 200 mg cm-2 day-1 (161.7 g).  This rate was selected 
because it was the maximum daily sedimentation rate Broward BCEPD allowed during 
the offshore dredging component of a recent, local beach renourishment and, also, 
because it is considered a “high” rate (Pastorak and Bilyard, 1985; Rogers, 1990).  
Natural sedimentation rates for Caribbean reefs range from < 1 to 10 mg cm-2 day-1, while 
rates chronically > 10 mg cm-2 day-1 are considered deleterious to corals (Rogers, 1990).  
Mean sedimentation rates near the collection site in Broward County ranged from       
3.3 mg cm-2 day-1 (summer 2004 and spring 2005) to 24.1 mg cm-2 day-1 (fall 2004 and 
winter 2005), with higher levels up to 78.7 mg cm-2 day-1 during the particularly active 
2004 hurricane season (Gilliam et al., 2006). 
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Table 2.  Percent size (± SD of dry weight) composition summary of collected and experimental 
sands. 
 
Size Category Size Fraction Source Sand Experimental Sand 
Coarse > 500  8.8 ± 1.8  
Medium 500 to 355  17.6 ± 0.6  
Medium 355 to 250  28.4 ± 0.7  
Fine 250 to 180  25.6 ± 2.1 48.7 ± 11.2 
Fine 180 to 125   13.0 ± 0.3 38.3 ± 8.4 
Fine 125 to 90  1.8 ± 0.2 5.6 ± 1.1 
Fine 90 to 63  0.7 ± 0.1 1.8 ± 0.1 
Silts/Clays < 63   2.1 ± 0.1 3.0 ± 0.3 
 
 
Table 3.  Percent sand source (± SD) summary of collected and experimental sands. 
 
 Source Sand Experimental Sand 
% Carbonate 62.7 ± 2.4  28.2 ± 0.3 
% Terrigenous  37.3 ± 2.4 71.8 ± 0.3  
 
 
Treatment 2:  Increased Phosphate 
The second treatment examined coral response to elevated phosphate.  Typical 
concentrations of phosphate in waters sustaining coral reefs are < 0.3 µM (Furnas, 1991).  
The average phosphate concentration (P-PO43-) in nearshore waters near the collection 
site is 0.48 µM (BCEPD, 2006).  To expose corals to high levels of phosphate, a matrix 
spike (concentrated 0.1 M stock P-PO43- solution) was dosed into tanks gradually over a 
period of several days until a maximum concentration of 4 µM was reached.  This level 
was maintained as needed by dosing with the matrix spike.  To make this solution, 
anhydrous monobasic potassium phosphate (KH2PO4) was dissolved in seawater.  
Phosphate concentration was measured daily with an Ocean Optics CHEM2000 
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Miniature Fiber Optic Spectrophotometer.  Based on the method of Murphy and Riley 
(1962), samples of seawater containing phosphate ions react with a mixed reagent to 
produce a blue solution.  The absorbance is then measured on a spectrophotometer and 
compared to a standard to give phosphate concentration. 
Treatment 3:  Increased Sedimentation and Phosphate 
To examine potential additive effects, the third treatment involved a combination of 
sedimentation and phosphate enrichment.  The same amount of sand was applied as in 
Treatment 1 and the same phosphate concentration maintained as in Treatment 2.  This 
treatment was useful in trying to differentiate potentially different responses caused by 
each sand and phosphate, and also in quantifying the degree or severity of change. 
3.4  Visual Inspections 
A combination of digital photography and visual inspections were used to document 
morphological and behavioral responses to treatments.  Thorough visual inspections of all 
specimens were made and recorded at the end of the acclimation period, after each 
treatment week, and after the recovery period.  General morphological features, such as 
polyp retraction, tissue swelling, mucus secretion, discoloration (including palor and/or 
bleaching), and loss of white apical tips, were noted, as well as sediment shedding 
behavior and efficiency. 
Digital photography documented the progression of above-mentioned parameters during 
the experiment with an Olympus Camedia 4.0 megapixel camera and an Olympus 
PT-012 underwater housing.  Photographs were taken approximately every other day and 
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scored based on presence/absence of the following observed morphological changes:  
degree of polyp retraction (loose, moderate, or tight), paling, bleaching, loss of white 
apical tips, and presence of cyanobacteria.  Presence of the condition was evaluated on a 
tank-to-tank basis and required at least one fragment from the tank (in the photo) to 
exhibit the condition.  Presence/absence scores from each of the four replicate tanks were 
averaged to give a daily score for each treatment.  In several cases, not all daily photos 
were usable due to poor resolution and, therefore, not included.  Other morphological 
changes observed, such as extrusion of mesenterial filaments, mucus secretions, and 
hydrostatic inflation of tentacles, were not included in the scoring as they were not 
clearly resolvable in photographs.  However, observations such as these and results of 
photography scoring were coupled to provide a complete description of morphological 
and/or behavioral changes. 
3.5  Histological Preparation 
One fragment from each tank was haphazardly selected and removed at the beginning of 
the experiment (post-acclimation), after each treatment week, and after the recovery 
period.  Samples were also histologically preserved in the field at time of collection and 
during the acclimation period for later baseline comparison.  A 3 cm portion of each 
fragment was fixed in Z-Fix® fixative, (10 % buffered formalin and zinc salts in 
seawater) while another 3 cm portion was frozen for reserve tissue.  Fragment tips 
approximately 2 cm in length were preserved in Trizol® fixative for a future 
collaborative genetic study. 
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Histological methods closely followed those of Peters (1984a) and Vargas-Ángel et al. 
(2006a).  Samples were fixed in Z-Fix® (without prior relaxation) for 24 hours, briefly 
rinsed in tap water, stored in 70 % undenatured ethanol, and later decalcified using a 2.5 % 
HCl and ethylenediaminetetraacetic acid (EDTA) solution.  Samples were trimmed using 
standard techniques (Peters 1984a) and processed in a Sakura Tissue Tek II automated 
tissue processor (Figure 5A).  Tissues were embedded for longitudinal and cross sections 
in paraffin wax using a Sakura Tissue Tek TEC embedding station (Figure 5B).  Tissues 
were sectioned at 5 µm with a Leica RM2125 microtome. 
Three separate histological stains were employed:  Harris Hematoxylin and Eosin (H&E), 
Movat’s Modified Pentachrome (MMP; Peters et al., 2006) and Alcian Blue-Periodic 
Acid Schiff - Hematoxylin (ABPASH).  These stains facilitated the examination of 
histological condition using light microscopy.  H&E was used to examine general tissue 
features and cellular structure (including nuclei), the presence of necrosis, and gonad 
development.  This stain provided excellent detail at the cellular level.  Movat’s Modified 
Pentachrome conspicuously stains mucosubstances and reflects changes in mucus 
production (Carson, 1997).  Additionally, it was well suited in examining general tissue 
and cellular features, including the condition and abundance of zooxanthellae.  Another 
stain utilized, ABPASH, reflected changes in pH of mucosubstances.  The Periodic Acid 
Schiff reaction stains neutral mucosubstances magenta, while Alcian Blue stains acidic 
mucosubstances blue, and Hematoxylin is a counter-stain (Carson, 1997).  A small 
sub-set of slides was stained with ABPASH rather than the entire set, as the two other 
stains provided adequate information for the scope of this study. 
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Staining trails were performed for all stains, with extra slide copies made for this 
purpose.  Existing staining protocols were tweaked to give optimal results for this species 
and brands of stains used (Appendix C).  Slides stained in H&E underwent basophilia 
restoration in a 2- hour soak in 5 % sodium bicarbonate following deparaffinization, as the 
fixative used may have hindered basophilic staining.  Two additional stains, Gomori’s 
Methenamine Silver (GMS) and Masson’s Trichrome (MT) (Appendix C) were 
employed at a later date on a small subset of slides to gather more information regarding 
unknown lesions observed in several specimens. 
 
 
Figure 5.  Histoprocessing Equipment.  (A) Sakura Tissue Tek automated tissue processor. 
(B) Sakura Tissue Tek TEC embedding station. 
 
 
3.6  Comparative Histopathology 
A differential diagnosis was performed to histopathologically compare field, acclimation, 
treatment, and recovery period samples.  Histologic parameters were examined from 
three general polyp areas:  1) upper polyp region, including the oral epidermis and oral 
area; 2) mesenteries, including mesenterial filaments, cnidoglandular bands, and gonads; 
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and 3) lower polyp region, including upper and lower gastrodermis and calicodermis 
(similar to Vargas-Ángel et al., 2006a).  Descriptive, quantitative, and semi-quantitative 
methods were used to score histoslides. 
3.6.1  Descriptive Histopathology 
Histopathologic changes with increased exposure to treatments were described in 
narrative form.  With increased exposure to sedimentation and/or phosphate, changes in 
the following were expected:  integrity and organization of tissues and cells, mucocyte 
cell size, mucocyte abundance, zooxanthellae densities, and zooxanthellae cell integrity.  
Also expected were erosion or attenuation of the oral epidermis, tissue and cell atrophy, 
pyknosis of nuclei, and tissue apoptosis and/or necrosis (Peters, 1984b; Peters and Pilson, 
1985; Peters and Yevich, 1989; Vargas-Ángel et al., 2006). 
3.6.2  Qualitative Scoring of Slides 
Slides were preliminarily screened in the three general polyp areas before selecting 
specific tissue and cellular parameters to score.  There were 16 histopathologic 
parameters selected, examined, and ranked on an ordinal scale for each individual 
specimen (see histopathological indices found in Peters and Pilson, 1985 and 
Vargas-Ángel et al., 2006a).  The following six parameters were ranked by presence or 
absence only, with a rank of 0 if the condition was absent (respective tissues and/or cells 
appeared normal) and 1 if the condition was present:  decreased mucocyte abundance, 
decreased spirocyst abundance, decreased zooxanthellae density, attenuation of 
epidermis, presence of bacterial aggregates, and absence of gonads. 
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The remaining 10 parameters were each ranked on a scale of 0 to 4:  0 = normal, 1 = mild 
case, 2 = moderate case, 3 = marked case, and 4 = severe case of the condition.  
Conditions included mucocyte swelling, epidermal cell lysing and/or necrosis, 
gastrodermal thinning, gastrodermal swelling, calicodermal swelling, gastrodermal cell 
lysing and/or necrosis, mesenterial cell lysing and/or necrosis, the presence of protozoa 
and/or parasites, and the presence of lesions containing hyaline, fibrillar material.  Ranks 
were assigned based on average condition of each parameter for all tissues surveyed per 
specimen. 
All ranked scores from each of the 16 parameters were then summed to create a 
“condition score” for each individual.  Condition scores were compared using 
nonparametric Kruskal-Wallis ANOVA with multiple comparisons (nonparametric 
equivalent to post-hoc tests), followed by further comparison with pairwise 
Mann Whitney U tests using the statistical program Statistica 6.0. 
3.6.3  Quantitative Scoring of Slides 
Three separate quantifiable parameters (epidermal mucocyte abundance, epidermal 
mucocyte diameter, and thickness of the epidermis) were measured to help verify and/or 
dispute qualitative findings.  Ten measurements for each mucocyte diameter and 
epidermal thickness were taken at five haphazardly-selected portions of epithelium, for a 
total of 50 measurements for each parameter per slide.  Measurements were made with a 
calibrated ocular micrometer.  Mucocyte abundance was counted along 30 
haphazardly-selected, 50 µm portions of epidermis, per slide.  Measurements reflected 
the size and shape of tissues and cells after histological processing and, therefore, were 
31
 32
affected by dehydration and shrinkage.  Means of measurements were statistically 
compared using a parametric 2-way ANOVA and Newman-Keuls post-hoc tests with the 
statistical program Statistica 6.0. 
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4.0  RESULTS 
 
With increased exposure to treatments, coral specimens exhibited both morphological 
and histopathological changes indicative of physiological impairment and/or stress. 
 
4.1  Gross Morphology 
 
Several changes to the external morphology of corals occurred, indicating altered  
behavior and growth. 
4.1.1  Visual Inspections and Sediment Clearing Rates 
Approximately 30 % of fragments did not initially acclimate to aquaria and were 
removed.  These fragments suffered irregular tissue sloughing or RTN, usually from the 
fragment base upwards.  Remaining healthy corals retained normal coloration, white 
apical tips (characteristic to this species), and fully extended polyps (day and night) 
throughout the initial 3-month acclimation period in the large holding system.  After the 
second acclimation period lasting 2 weeks in smaller, experimental aquaria, corals 
remained in excellent condition with no apparent differences in gross morphology from 
the initial acclimation period (Figure 7A). 
At Week 1, corals remained healthy looking, with nearly all polyps fully extended (day 
and night), normal coloration, and white apical tips.  Several fragments in each treatment 
(including controls) had a few polyps (usually near the base) with persistent tight 
retraction, resulting in a mass of dark brown tissue inside individual corallites 
(Figure 7B).  During sand application, all polyps initially retracted but were fully 
extended, with tissues nearly fully clear of sediment in ≤ 30 minutes and completely clear 
in ≤ 2 hours. 
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By Week 2, coral fragments still appeared healthy, but exhibited slight gross 
morphological changes.  Overall polyp extension was reduced from full extension to 
moderate retraction.  Persistent tight retraction (Figure 7B) and/or hydrostatic inflation 
(swelling) of tentacles (Figure 7C) of selected polyps were slightly more common in all 
treatments (including controls) versus Week 1.  Slight paling of tissue (corallites and 
coenosarc) on some fragments was observed in the phosphate treatment and the control.  
Extrusion of mesenterial filaments of several polyps was observed on a few fragments in 
both the sand and phosphate treatments.  At Week 2, sand began accumulating on the 
bottom of tanks, brownish-green algae began growing on plastic stands and the glass of 
aquaria, and the water became yellowish in color in both sanded treatments.  Strands of 
shed mucus were also periodically observed in these two treatments (S, S + P) after sand 
application.  Sediment clearing capacity was similar to Week 1, with nearly all tissues 
cleared in ≤ 30 minutes.  However, efficiency was slightly inhibited, as several sand 
grains remained in the oral area and/or on the coenosarc (in crevices between corallites) 
for up to 12 hours. 
At Week 3, gross morphological changes were consistent with Week 2, yet were more 
acute.  Additionally, whiteness of apical tips started to diminish in all treatments and 
controls, possibly indicating reduced growth rate.  At the beginning of Week 3, a reddish-
brown, mat-like cyanobacterium (Calothrix scopulorum) began growing on several 
plastic fragment plug bases in the phosphate treatment (Figure 8E).  Also, sand 
accumulations in sanded treatments (S, S + P) began to cover live tissue at bases of 
fragments.  Sediment clearing rates remained the same as Week 2. 
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At Week 4, previously described changes from Weeks 2 and 3 became more severe, with 
the exception of extrusion of mesenterial filaments, which was not observed.  Sand 
accumulations on bottom of aquaria increased in sanded treatments and covered 
approximately 2 cm of live tissue on fragment bases (Figure 6A).  When these fragments 
were removed for fixation, the buried portion was found to have suffered moderate to 
severe localized bleaching (Figures 6B, 8A) and/or partial mortality (Figures 6B, 8B).  
However, no other partial mortality occurred during the experimental period and all 
fragments survived the 4-week treatment period.  Removal of buried fragments also 
revealed cyanobacterial growth on nearly all fragment plugs in the sand + phosphate 
treatment and, in some cases, onto the fragment skeleton at the base (Figure 8C).  It is 
unknown whether partial mortality occurred in these cases due to burial by sand followed 
by cyanobacterial colonization of the skeleton, or if tissues were killed by cyanobacteria.  
Cyanobacterial growth in the sand + phosphate treatment was not as prolific as compared 
to the phosphate treatment, which exhibited increased growth on fragment plugs and 
plastic stands (Figures 8D, 8E).  Reduced cyanobacterial growth in the sand + phosphate 
treatment may have been caused by inhibition of light by sand accumulations.  Sediment 
clearing rates remained the same, with nearly all tissues removed in ≤ 30 minutes; 
however, sand grains in the oral area and/or on the coenosarc remained for up to 24 
hours. 
After the recovery period (Week 5), gross morphological appearance slightly improved, 
most notably due to greater polyp extension.  However, cases of tight retraction persisted 
and, in some cases, worsened.  Whiteness of apical tips continued to fade as well.  Cases 
of partial bleaching and/or mortality at the base did not improve or worsen. 
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Cyanobacteria found in both phosphate treatments (P, S + P) were not believed to have 
negatively impacted coral fragments, as colonization on live tissue was not observed.  
Additionally, no observable impacts to tissues from cyanobacterial and/or algal invasion 
were evident in histopathological evaluation.  Although cyanobacteria were considered to 
have had no deleterious impacts, its presence with phosphate underscores the classic 
model of increased nutrients fueling algal growth. 
 
 
 
 
 
 
Figure 6.  (A) Sand accumulations at Week 4 in S treatment.  (B) Same tank after removal of 
sand, exposing bleached and dead portion of fragment. 
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Figure 7.  (A) Representative fragment during acclimation, just prior to experiment.  (B) Tight 
retraction of polyps appearing as dark brown bundles.  (C) Swollen tentacles. 
 
 
 
 
Figure 8.  (A) Partially bleached fragment base at Week 4 in S + P treatment.  (B) Partial 
mortality of fragment after 4 weeks of sediment exposure.  (C) Cyanobacteria on fragment base at 
Week 4 in S + P treatment.  (D) Cyanobacteria on plastic stands during recovery period in P 
treatment. (E) Cyanobacteria on fragment plugs at Week 4 in P treatment. 
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4.1.2  Photography 
Results from weekly scoring of digital photographs are displayed in Appendix C and 
results at Week 4 summarized in Table 4.  After 4 weeks of treatment, mild polyp 
retraction was more common in treatments compared to control corals.  However, 
moderate and severe levels of retraction did not display clear differences between 
controls and treatments, with severe retraction surprisingly most common in the control 
(Table 4).  Therefore, polyp retraction was most likely influenced by tank effects.  Palor 
of tissues (uniform and/or patchy lightening of tissues relative to coloration during 
acclimation) was observed as early as Week 1 for all treatments (including control) 
(Appendix C), therefore, may also have been influenced by tank effects.  However, 
specimens in sanded treatments (S, S + P) darkened in coloration from Weeks 2 to 4, 
supported by respective decreases in paling data (Appendix C) and increased histological 
zooxanthellae densities (Tables 6, 7).  Bleaching (stark whitening of tissues) was 
observed on fragment bases in both sanded treatments (S, S + P) after removal of sand 
accumulations (Figure 6B).  Cyanobacteria appeared in Week 3 for phosphate and in 
Week 4 for sand + phosphate treatments, respectively (Appendix C).  Cyanobacterial 
growth was prolific in the phosphate treatment, present in the in the sand + phosphate 
treatment, marginal in the sand treatment, and not observed in the control (Table 4).  At 
Week 4, loss of white tips was most prevalent in the sand + phosphate treatment 
(Table 4). 
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Table 4.  Summary of gross morphological changes from photography scoring.  Numbers are 
percent of photos with corals exhibiting the condition (n = 4 for each treatment) during Week 4 
compared to acclimated specimens. 
 
Treatment Mild 
RET 
Moderate 
RET 
Severe
RET 
Palor Bleached
Bases 
CYANO White Tips 
Absent 
ACL (n=16) 0 13 0 6 6 0 0 
C (n=12) 13 56 25 69 0 0 0 
S (n=12) 56 44 0 31 70 10 0 
P (n=12) 44 44 6 50 0 100 0 
S + P (n=12) 56 50 0 0 25 25 44 
 
Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate;                  
S + P = sand + phosphate; RET = retraction; CYANO = cyanobacteria. 
 
 
4.2 Descriptive Histology of Normal Condition 
 
A summary of all histopathologic parameters, with corresponding ranks of change 
relative to the normal condition, is displayed in Table 5.  The histology of the normal 
condition revealed all metabolic systems (e.g., secretory, digestive, photosynthetic 
[symbiotic], reproductive) to be well intact. 
4.2.1  Oral Epidermis 
Normal epidermal tissues displayed good organization of cells and structural integrity.  
The epidermis of A. cervicornis is categorized as a simple, columnar epithelium (Peters 
1984a).  The epidermal layer from the coenosarc of normal (rank = 0), healthy field 
specimens (Figure 9A) was 31.70 ± 4.50 (mean ± SD μm) thick (longitudinal section) 
and dominated by ovoid mucocytes containing mucin comprised of acidic 
mucopolysaccharides, staining turquoise with Movat’s Modified Pentachrome (MMP) 
and purple with Harris Hematoxylin and Eosin (H&E).  Mucocytes averaged 
10.10 ± 0.97 (mean ± SD # cells/50 µm epidermis) and were an average diameter of 
10.20 ± 0.60  (mean ± SD μm).  Very thin columnar support cells are located between 
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mucocytes, but nearly inconspicuous when mucocytes are full of mucin.  Nuclei of 
columnar cells and mucocytes are located near the basement membrane; however, nuclei 
may be displaced to sides of mucocytes full of mucin, and therefore inconspicuous.  
Spirocysts are abundant, with well-defined thread coils, staining magenta (MMP) or 
bright pink (H&E).  Fully developed and developing nematocysts (likely microbasic 
mastigophores) are present, but less abundant than spirocysts.  Developing nematocysts 
have a conspicuous basophilic capsule, which stains red (MMP) or dark purple (H&E).  
The capsule of more developed nematocysts stains clear (MMP) or clear to pale bluish-
purple (H&E), revealing the red (MMP) or pink (H&E) staining thread inside. 
4.2.2  Mesenteries 
Structure and organization of normal (rank = 0) mesenteries are well preserved, with 
eight separate mesenteries often discernable in cross section of an individual polyp 
(Figure 10A).  Cnidoglandular bands of mesenteries contain conspicuous mucocytes (full 
of mucin), spirocysts, nematocysts, and gland cells.  Gland cells contain many small, 
round granules staining red to magenta (MMP) or pale to bright pink (H&E).  
Nematocysts may be extremely abundant on these bands.  Bases of bands reveal masses 
of nuclei from cells above, which stain magenta (MMP) or dark purple (H&E).  A thin 
layer of mesoglea is located in the middle of each mesentery, between gastrodermal 
tissues and the gametes.  Stage I-II oocytes were visible within mesenteries of all 
acclimated specimens prior to the experimental period, and, within the normal seasonal 
stage of gametogenesis for this species (Figure 10A) (Vargas-Ángel et al., 2006b). 
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4.2.3  Upper and Lower Gastrodermis 
The upper gastrodermis is defined as gastrodermal tissue beneath the epidermis, 
separated by a thin layer of mesoglea.  The upper gastrodermis houses the majority of 
photosynthetic zooxanthellae in this species.  In normal specimens (rank = 0), the upper 
gastrodermis (Figure 11A) is approximately two cell layers thick, with one zooxanthella 
per gastrodermal cell (Peters, 2003).  Zooxanthellae are round, healthy looking, and stain 
bright red with dark red nuclei and greenish pyrenoid body (MMP) or bright pink with 
purple nuclei and pale pink pyrenoid body (H&E). 
 
The lower gastrodermis refers to tissues comprising the gastrovascular canals, which 
penetrate the skeleton and connect polyps.  The lower gastrodermis in normal tissues 
(rank = 0) (Figure 12A) contains regularly scattered zooxanthellae (with densities not 
nearly as abundant as in upper gastrodermis) and many small mucocytes that stain dark 
turquoise (MMP) or bluish-purple (H&E).  A subset of histoslides stained with ABPASH 
revealed these mucocytes to be slightly less acidic than those of the epidermis, as they 
stained purple instead of blue.  The calicodermis (also referred to as the calicoblastic 
epidermis) is a thin, squamous epithelium that lies between the coral skeleton and the 
mesoglea opposite of gastrovascular tissues.  The calicodermis stains pale green (MMP) 
or pale pink (H&E) and contains mucocytes (although inconspicuous unless swollen due 
to squamous nature) and ovoid nuclei that stain dark red (MMP) or purple (H&E). 
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4.2.4  Bacterial Aggregates 
Bacterial aggregates (Figures 13A, B), previously described by Peters, Oprandy, and 
Yevich (1983) and Peters (1984b) as ovoid, basophilic bodies containing gram-negative 
rods of bacteria, were found in nearly all specimens, including healthy field specimens.  
Vibrio-like bacterial aggregates have been found in both healthy and diseased colonies of 
A. cervicornis and A. palmata (Peters et al., 1983; Vargas-Ángel et al., 2006b).  Bacterial 
aggregates were found in the mesoglea of gastrovascular canals, embedded between 
gastrodermis and calicodermis, usually in the lower polyp region.  Surrounding the 
aggregates, a hyperplasia (increase in number of non-tumor causing cells) of very fine 
hypereosinophilic, proteinaceous granules and swollen mucocytes were observed within 
the calicodermis, suggesting increased metabolic activity and possible irritation to the 
coral.  Due to irritation of the calicodermis, bacterial aggregates may enter coral tissues 
and/or hinder calcification at these locations (E. Peters, pers. comm.). 
 
Bacterial aggregates were present in 85 % of all specimens.  Abundance was lowest in 
field specimens (0.79 ± 0.62 [mean ± SD # bacterial aggregates/0.5 cm2 tissue]) and 
highest in acclimated specimens (2.39 ± 2.13).  No significant differences in abundance 
were found between field, acclimated, and treated specimens (ANOVA).  Therefore, 
t-tests were conducted and revealed significant differences (p < 0.05) between field and 
acclimated, and between field and control, phosphate, and sand + phosphate treatments, 
respectively.  No significant differences were found between treatments (C, S, P, S + P) 
nor between acclimated and treated specimens. 
 
42
 43
4.3  Descriptive Histopathology of Stressed Condition 
Degenerative and cellular proliferative changes were observed in acclimated and treated 
specimens, causing mild to severe histopathological changes.  Changes were indicative of 
impairment to the following physiologic functions, which signal compromised health 
status of coral specimens:  nutrition (indicated by loss of or damage to symbiotic 
zooxanthellae and/or cnidocytes and attenuation of gastrodermal tissues), reproduction 
(loss of and/or damage to oocytes), and immune response (loss of and/or atrophy of 
epidermal mucocytes and spirocysts).  A summary of histopathological changes observed 
in the each of three major polyp regions surveyed (oral epidermis, mesenteries, and 
gastrodermis) is further described in Table 5. 
4.3.1  Oral Epidermis 
In the oral epidermis, the following histopathological changes were ranked as mild 
(rank = 1), compared to normal field specimens.  Slight attenuation of the entire 
epidermal layer (as observed in longitudinal section) was apparent.  Spirocysts decreased 
in abundance.  Several changes to mucocytes occurred, including 1) swelling and excess 
mucin production, as noted by darker staining inside cells and smears of expelled mucin 
above the apical portion of  epidermis; 2) less mucin production, denoted by lighter 
staining inside cells; or 3) slight atrophy (becoming smaller in size), with retention of 
normal staining intensity of mucin.  A thin, basophilic layer on the apical (upper) surface 
of the epidermis also became noticeable, staining greenish-red (MMP) or purple (H&E), 
a possible result of collapsed cilia and/or microvilli, or a glycocalyx produced by 
epidermal cells. 
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Moderate (rank = 2) histopathologic changes (Figure 9B) included further attenuation of 
the oral epidermis.  Definition of individual cells decreased with an increase in 
granularity, indicating a possible breakdown of cellular organelles (cloudy swelling).  
Mucocytes stained paler, indicating a pH change in mucin or reduced amount of mucin.  
Mucocytes were less abundant and atrophied (smaller size and containing less mucin), 
indicating compromised mucus secretory capacity and potential reduction in energy 
reserves.  Also, the shape of mucocytes became less columnar and more circular.  Nuclei 
were slightly swollen and less basophilic (staining lighter).  If present, the basophilic 
layer on the apical surface thickened.  Debris began accumulating on the apical surface as 
well.  The number of spirocysts was further reduced, with a concurrent increase in the 
number of developing nematocysts, possibly indicating a metaplasia.  A metaplasia is the 
replacement of one cell type by another and is most common in epithelial tissues.  It is 
thought to be an adaptive response to environmental (usually pathological) change 
(Stevens, Lowe, and Young, 2002). 
 
Marked (rank = 3) (Figure 9C) to severe (rank = 4) changes resulted in increased 
severity of the above histopathologic conditions.  Atrophy of mucocytes was very 
pronounced, with possible loss of these cells in regions of the epidermis.  Advanced loss 
of cellular definition was followed by focal lysing of cells and necrosis.  However, focal 
necrosis only occurred in a low percentage of specimens.  Overall, the epidermis 
remained in better condition and structural integrity relative to other tissues examined. 
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4.3.2  Mesenteries 
With mild (rank = 1) change, loss of definition of cells on mesenterial filaments 
(including cnidoglandular bands) was evident, along with lighter staining of these tissues.  
Mucocytes on cnidoglandular bands were slightly swollen.  Oocytes were less abundant 
and some appeared degraded with uneven staining and loss of detail in the yolk 
(Figure 14C).  With moderate (rank = 2) histopathological change (Figure 10B), lysing 
of individual cells within mesenterial filaments was apparent, increasing the granularity 
of tissues.  Mesenteries also started to clump together.  Discharged nematocysts became 
more common in spaces around cnidoglandular bands.  On cnidoglandular bands, 
mucocytes were atrophied and contained less mucin, while nematocysts and gland cells 
increased in number.  No gametes were observed in any specimens (including controls) 
after Week 2 of the experimental period.  Oocytes observed earlier may have been 
resorbed to conserve energy.  Marked (rank = 3) (Figure 10C) to severe (rank = 4) 
change was denoted by increased severity of the above conditions in addition to multi-
focal to diffuse necrosis of mesenterial filaments and cnidoglandular bands, denoted by 
cell remnants, debris, and lighter staining. 
4.3.3  Upper and Lower Gastrodermis and Calicodermis 
Mild change (rank = 1) in the upper gastrodermis was denoted by increased or decreased 
zooxanthellae densities.  Moderate change (rank = 2) in the upper gastrodermis 
(Figure 11B) included focal to multi-focal swelling, disorganization and lysing of 
individual cells, a decrease in zooxanthellae densities, and the presence of degraded 
zooxanthellae.  In the upper gastrodermis, marked change (rank = 3) (Figure 11C) was 
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denoted by increased severity of changes observed in the moderate case, in addition to 
vacuolization of tissues and debris within the gastrovascular cavities.  Severe (rank = 4) 
change exhibited the same conditions as the marked condition, with multi-focal to diffuse 
necrosis of the lower gastrodermis and/or calicodermis. 
 
Mild change (rank = 1) in the lower gastrodermis was marked by multi-focal attenuation 
of mucocytes, in addition to multi-focal swelling of mucocytes within the calicodermis 
(S, S + P only).  Moderate change (rank = 2) in the lower gastrodermis (Figure 12B) 
included severe attenuation, atrophy of mucocytes, and reduced zooxanthellae densities.  
Zooxanthellae were also degraded, noted by lighter staining and misshapen cells.  
Additionally, the calicodermis exhibited areas with increased number of fine eosinophilic 
granules (possible hyperplasia).  These acidic granules may indicate increased metabolic 
activity due to increased amounts of protein (E. Peters pers. comm.).  Marked change 
(rank = 3) in the lower gastrodermis (Figure 12C) was noted by increased severity of the 
above histopatholgoic conditions, in addition to severe attenuation and breakage, 
complete atrophy of mucocytes, debris within the gastrovascular canals, and focal to 
multi-focal lysing of cells or necrosis.  Focal lesions of hyaline, fibrillar material also 
occurred.  Severe change (rank = 4) was denoted by increased severity of marked 
changes, in addition to multi-focal to diffuse necrosis and possible presence of lesions of 
hyaline, fibrillar material.  Unidentified, ciliate-like protists were also associated with 
necrotic gastrodermal and mesenterial tissue in acclimated specimens that were removed 
due to external tissue sloughing and partial mortality (Figures 13C, 14A). 
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4.3.4  Hyaline, Fibrillar Lesions 
Small to large-sized lesions of proteinaceous, hyaline, fibrillar material, bordered by 
calicodermis were observed and, therefore, assumed to originate from areas near skeleton 
(Figures 15A, B, C).  The lesions had varying staining properties, indicating regions with 
different biochemistry.  With H&E, lesions were mostly eosinophilic, with basophilic 
portions.  With MMP, lesions were mostly red with green-staining portions and with MT, 
mostly red with bluish portions.  Sections of lesions were also positive (pink) or negative 
(purple) for ABPASH, indicating both neutral and acidic properties, respectively.  Within 
one of these lesions, black-stained filaments (resembling fungal hyphae) and clustered 
bodies, each containing blue and black granules, were found within the fibrillar material 
and in the calicodermis (Figures 16A, B).  GMS positively stains fungi black; therefore, 
filaments and clustered bodies may have been of fungal origin.  In some cases, the 
calicodermis was swollen (hypertrophied) near these accumulations, which is consistent 
with organic matrix formation (E. Peters, pers. comm.).  However, black-staining fungi 
were not present in all lesions.  In other cases, the hyaline, fibrillar material was present 
in areas with severe necrosis and protists (Figure 14A).  Small-sized lesions of this type 
were present in 33 % of field and 11 % of acclimated specimens.  Small to medium-sized 
lesions were present in 10 % of control, 10 % of sand + phosphate, 25 % of sand, and 25 % 
of phosphate specimens. 
 
A similar lesion, yet more vacuolated and sheet-like, staining monochromatic pale 
turquoise (MMP) or grey (GMS) was also observed (Figure 16C).  These lesions were 
observed in gastrovascular cavities and in areas where skeleton had been prior to 
decalcification.  In some cases, material was attached to the mesoglea of gastrovascular 
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canals, suggesting it to be remnant mesoglea, denuded of gastrodermis and calicodermis.  
Pieces of necrotic and sloughing gastrodermis and calicodermis were also sometimes 
present in these areas, further suggesting this.  Filament-like pieces of the same tissue 
were also observed within gastrovascular cavities, suggesting breakage and possible 
movement through the gastrovascular canals (E. Peters, pers. comm.). 
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Table 5.  Summary of evaluated histopathologic parameters and corresponding rankings, for 
A. cervicornis. 
 
Rank Oral Epidermis Mesenteries Gastrodermis 
(upper and lower regions) 
0 (None) 
Good organization and 
structure. MUC numerous 
and columnar-shaped, full 
of mucin. SPI abundant. 
NEM present but not 
abundant. NUC near 
bottom and sides of cells. 
Good organization and 
structure, with separate 
MES discernable. Many 
MUC, NEM, SPI, and GLD 
on CNB, with NUC at base. 
GON present at normal 
seasonal gametogenic 
stage. 
Good organization and 
structure. LGD thin with 
small, abundant MUC and 
regularly scattered ZOX. 
UGD approximately 3 times 
thicker than LGD, housing 
abundant ZOX. CBE 
squamous with discernable 
NUC.  MGL thin above 
UGD. 
1 (Mild) 
Slight attenuation of 
entire layer. MUC may be 
swollen, less abundant, 
slightly atrophied, with 
less mucin, and staining 
lighter. Reduced number 
of SPI. Thin BL may be 
present on apical surface. 
Loss of definition and 
lighter staining of cells on 
CNB. Slight swelling of 
MUC. Reduced number of 
and possible damage to 
GON. 
Attenuation of LGD. MUC 
may be swollen in LGD 
and/or CBE. Change (+or-) 
in ZOX densities of UGD. 
2 (Moderate) 
Reduced number and 
atrophy of MUC. 
Remaining MUC less 
columnar, more circular-
shaped, with less mucin, 
staining lighter. Reduced 
number of SPI. Increased 
number of NEM. NUC 
swollen, staining lighter. 
BL thicker. Increased 
granularity of cells. 
Focal to multi-focal lysing 
and lighter staining of cells 
on CNB. Loss of definition 
of individual MES; may be 
clumped and granular. 
Atrophy of MUC. Increase 
in GLD and developing 
NEM on CNB. Discharged 
NEM may be present. Loss 
of GON.  
Advanced attenuation of 
LGD. Atrophy of MUC in 
LGD. Focal swelling in UGD. 
Reduced number, 
degradation, and lighter 
staining of ZOX in LGD and 
UGD.  MGL thickened above 
UGD. Swollen MUC and 
increased number of EOG in 
CBE. 
3 (Marked) 
Same as “2” plus severe 
atrophy of MUC; possible 
loss of cells. Focal lysing 
of cells. 
Same as “2” plus focal to 
multi-focal necrosis. 
Same as “2” plus focal to 
multi-focal lysing and 
vacuolization of cells in 
UGD. Diffuse attenuation 
and multi-focal breakage of 
LGD. Complete atrophy of 
MUC in LGD; possible loss 
of cells. Debris present in 
GVC of UGD and/or LGD. 
4 (Severe) Same as “3” plus focal necrosis. 
Same as “3” plus         
multi-focal to diffuse 
necrosis. 
Same as “3” plus multi-focal 
to diffuse necrosis. PRO 
may be present. 
 
Abbreviations:  BL = basophilic layer; CBE = calicoblastic epidermis; EOG = eosinophilic 
granules; GLD = gland cells; CNB = cnidoglandular bands; GON = gonads; 
GVC = gastrovascular canal; LGD = lower gastrodermis; MES = mesenteries; MGL = mesoglea; 
MUC = mucocytes; NUC = nuclei; SPI = spirocysts; UGD = upper gastrodermis; 
ZOX = zooxanthellae. 
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Abbreviations:  BL = basophilic layer; EPI = epidermis; GRN = granularity; MUC = mucocytes; NEM = nematocysts; NUC = nuclei; 
SPI = spirocysts; ZOX = zooxanthellae.  Scale bars:  20 μm. 
 
Figure 9.  Photomicrographs I:  Oral Epidermis. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Movat’s Modified Pentachrome, illustrating 
histopathological changes described in the text.  (A) Normal (rank = 0) epidermis from specimen collected offshore Broward County, 
Nov. 2004.  Note abundant mucocytes, spirocysts, nematocysts and zooxanthellae.  (B) Epidermis of experimental specimen exhibiting 
moderate (rank = 2) histopathological changes after 1 week of sediment exposure.  Note reduced number of mucocytes and spirocysts and 
swelling and paler staining of mucocytes.  (C) Epidermis of experimental specimen with marked (rank = 3) histopathological changes 
after 4 weeks of sediment + phosphate exposure and 1 week recovery.  Note overall paler staining and granular appearance of tissues, 
atrophy and possible loss of mucocytes, presence of basophilic layer on apical surface, and degraded zooxanthellae. 
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Abbreviations:  LYS = lysed cells; GON = gonads; NEC = necrosis; NEM = nematocysts.  Scale bars:  25 μm. 
 
Figure 10.  Photomicrographs II:  Mesenteries. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Movat’s Modified Pentachrome, illustrating 
histopathological changes described in the text.  (A) Normal (rank = 0) mesenteries from specimen collected offshore Broward County, 
Nov. 2004.  Note distinct individual mesenteries and developing gonads (oocytes).  (B) Mesenteries of experimental specimen exhibiting 
moderate (rank = 2) histopathological changes, after three weeks of sediment exposure.  Arrows indicate areas of lysed cells and 
discharged nematocysts on cnidoglandular bands of mesenteries.  Note overall increased granularity of tissues.  (C) Mesenteries exhibiting 
marked (rank = 3) histopathologic changes after 4 weeks of sediment + phosphate exposure and 1 week recovery.  Note overall paler 
staining of tissues and areas with severely lysed cells or necrosis. 
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Abbreviations:  DEB = debris; GVC = gastrovascular canal; MGL = mesoglea; ZOX = zooxanthellae.  Scale bars:  20 μm. 
 
Figure 11.  Photomicrographs III:  Upper Gastrodermis. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Movat’s Modified Pentachrome, illustrating 
histopathological changes described in the text.  (A) Normal (rank = 0) upper gastrodermis from specimen collected offshore Broward 
County, Dec. 2004.  Note thin mesoglea and numerous zooxanthellae.  (B) Upper gastrodermis of experimental specimen exhibiting 
moderate (rank = 2) histopathological changes, after 1 week of sediment exposure.  Note thickened mesoglea and degradation of 
zooxanthellae.  (C) Upper gastrodermis of unsuccessfully acclimated specimen showing marked (rank = 3) histopathological changes.  
Note extremely pale staining of tissues and zooxanthellae, degradation of zooxanthellae, presence of vacuoles, and debris inside 
gastrovascular cavity. 
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Abbreviations:  HFM = hyaline, fibrillar material; LYS = lysed cells; MUC = mucocytes; NEC = necrosis; ZOX = zooxanthellae.  Scale 
bars:  25 μm. 
 
Figure 12.  Photomicrographs IV:  Lower Gastrodermis. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Movat’s Modified Pentachrome, illustrating 
histopathological changes described in the text.  (A) Normal (rank = 0) lower gastrodermis from specimen collected offshore Broward 
County, Dec. 2004.  Note abundant zooxanthellae (staining bright red) and conspicuous mucocytes.  (B) Lower gastrodermis of 
experimental specimen displaying moderate (rank = 2) histopathological changes after 1 week of phosphate exposure.  Note attenuated 
tissues and less abundant zooxanthellae.  (C) Lower gastrodermis from experimental specimen showing severe (rank = 4) 
histopathological changes after three weeks of sediment + phosphate exposure.  Note lysed cells and zooxanthellae in center, presence of 
lesion of hyaline, fibrillar material, and areas of necrotic tissue. 
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Abbreviations:  BA = bacterial aggregates; MES = mesenteries; NEC = necrosis; PRO = protists.  Scale bars:  100 μm A; 25 µm C; 
20 µm B. 
 
Figure 13. Photomicrographs V:  Bacterial Aggregates and Protists.   
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with H&E (A, C) and Alcian Blue-Periodic Acid 
Schiff-Hematoxylin (B), illustrating histopathological changes described in the text.  (A) Bacterial aggregates found in experimental 
specimen after 2 weeks of sediment + phosphate exposure.  (B) Close-up of large bacterial aggregate in experimental specimen after 4 
weeks of sediment exposure.  (C) Necrotic mesenteries with ciliate-like protists in unsuccessfully acclimated specimen. 
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Abbreviations:  HFM = hyaline, fibrillar material; PRO = protists; STG = stage.  Scale bars:  20 µm. 
 
Figure 14.  Photomicrographs VI:  Protists and Gonads. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Alcian Blue-Periodic Acid Schiff-Hematoxylin 
(A), modified Movat’s Pentachrome (B) and H&E (C), illustrating histopathological changes described in the text.  (A) Ciliate-like protists 
in area of hyaline, fibrillar material from an unsuccessfully acclimated specimen.  (B) Normal Stage I-II oocytes from specimen collected 
offshore Broward County, Nov. 2004.  (C) Stage II oocyte from experimental control specimen after 2 weeks, exhibiting coagulation and 
apparent damage. 
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Abbreviations:  HFM = hyaline, fibrillar material; LGD = lower gastrodermis; NEM = nematocysts.  Scale bars:  100 μm A; 20 µm B, C. 
 
Figure 15.  Photomicrographs VII:  Hyaline, Fibrillar Lesions I. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Movat’s Modified Pentachrome (A), H&E (B), and 
Alcian Blue-Periodic Acid Schiff-Hematoxylin (C), illustrating histopathological changes described in the text.  (A) Lesion of hyaline, 
fibrillar material, with cluster of discharged nematocysts in center, in lower gastrodermis of experimental specimen after 4 weeks 
sediment + phosphate exposure and 1 week recovery.  (B) Close-up of lesion of hyaline, fibrillar material from unsuccessfully acclimated 
specimen.  (C) Close up of lesion of hyaline, fibrillar material displaying alternate morphology from unsuccessfully acclimated specimen. 
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Abbreviations:  FUN = fungi; HFM = hyaline, fibrillar material.  Scale bars:  20 µm A, C; 10 μm B. 
 
Figure 16.  Photomicrographs XIII:  Hyaline, Fibrillar Lesions II. 
Photomicrographs of histological preparations of tissues of A. cervicornis, stained with Gomori Methenamine Silver, illustrating 
histopathological changes described in the text.  (A) Lesion of hyaline, fibrillar material with possible balls of fungi inside, in lower 
gastrodermis of experimental specimen after 2 weeks phosphate exposure.  (B) Close-up of balls of possible fungi from A.  Note blackish-
blue staining of fungi.  (C) Lesion of hyaline, fibrillar material with sheet-like morphology from experimental specimen after 2 weeks 
phosphate exposure.
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4.3  Quantitative Histologic Parameters 
 
Results of pooled measurements of the three quantitative histologic parameters 
(epidermal mucocyte abundance, epidermal mucocyte diameter, and epidermal 
thickness), revealed epidermal mucocyte abundance to be the only parameter to exhibit 
significant differences between treated and field and between treated and acclimated 
specimens, as well as among treatments within the same week (p < 0.05, 2-way ANOVA) 
(Figure 17).  Epidermal mucocyte abundance decreased with time for all treatments, 
consistent with descriptive and qualitative histological observations.  Epidermal 
mucocyte diameter showed an increase in size for all treatments when compared to field 
and acclimated conditions; however, differences were not statistically significant 
(Figure 18).  The sand treatment showed the largest mucocyte diameter during the 
experimental period (Weeks 1 to 4), followed by the sand + phosphate treatment, which 
was likely a result of increased mucus production in response to sedimentation.  Although 
not statistically significant, the third quantitative parameter, epidermal thickness, 
decreased with exposure in all treatments (Figure 19).  These three quantitative 
parameters showed no statistically significant relation to each other nor to temperature 
salinity, pH, or phosphate (p > 0.05, r2 ≤ 0.39, multiple regression).  However, a weak 
relationship between epidermal thickness and temperature was found (p = 0.003, 
r2 = 0.39, multiple regression), but not likely to have been biologically significant. 
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Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
 
Figure 17.  Epidermal Mucocyte Abundance.  Significant differences within same week are 
denoted by shared letters. 
 
 
 
Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
 
Figure 18.  Epidermal Mucocyte Diameter. 
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Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
 
Figure 19.  Epidermal Thickness. 
 
 
4.4  Ranked Histologic Parameters 
 
A total of 150 coral specimens and 600 histoslides (4 copies per specimen to facilitate 
different histologic stains) were examined to perform histopathological ranking surveys. 
4.4.1  Presence/Absence Parameters 
Summaries of scores from the parameters that were ranked by presence/absence only are 
displayed in Tables 6 and 7.  Presence of bacterial aggregates was scored, but not 
included in results, as these aggregates are found in healthy specimens and do not 
necessarily imply impairment to the coral.  All treatments showed noticeable increases 
for all evaluated parameters relative to the normal field condition (Table 6). 
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When grouped by treatment, attenuation of the epidermis was greatest in the control, and 
noticeably less for sand and sand + phosphate treatments (Table 6), perhaps due to 
increased mucus production and swelling of mucocytes to shed sediment, which initially 
increased the height (thickness) of the epidermal layer.  Decreased abundance of 
mucocytes was greatest in the sand treatment, followed closely by sand + phosphate 
treatment (Table 6).  Reduced number of spirocysts was most prevalent in the 
sand + phosphate treatment and least prevalent in the control (Table 6). 
 
When all treatments were combined by week, epidermal attenuation was greatest in 
Week 1 (Table 7).  Mucocyte abundance decreased with exposure time, with 94 % to 
100 % of specimens exhibiting a loss in Weeks 3 to 5 (Table 7).  Throughout Weeks 1 to 
5, 56 % to 69 % of specimens showed a decrease in spirocysts, except for Week 2, with 
only 19 % exhibiting a loss (Table 7).  Loss of gonads occurred in 100 % of treatments at 
Week 1, with the exception of the control, which retained gonads until Week 2 (Table 7).  
However, some oocytes were degrading (Figure 14C). 
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Table 6.  Summary of histologic parameters ranked by presence/absence expressed as percent 
corals in each treatment group exhibiting the condition. 
 
TREATMENT Attenuation 
of Epidermis 
Decrease in    
Mucocytes 
Decrease in    
Spirocysts 
Decrease in     
Zooxanthellae 
Loss of     
Gonads 
Field (n=12) 25 0 8 25 8 
       
ACL (n=9) 66 78 100 100 78 
       
Week 1 C 100 50 50 50 50 
Week 2 C 0 0 0 100 75 
Week 3 C 100 100 25 100 100 
Week 4 C 100 75 50 100 100 
Week 5 C 75 100 50 100 100 
Mean C (n=20) 75 65 35 90 85 
       
Week 1 S 100 75 75 50 100 
Week 2 S 0 75 25 50 100 
Week 3 S 25 100 100 25 100 
Week 4 S 50 100 50 50 100 
Week 5 S 25 100 25 0 100 
Mean S (n=20) 40 90 55 35 100 
       
Week 1 P 100 25 100 100 100 
Week 2 P 25 25 0 100 100 
Week 3 P 100 100 25 100 100 
Week 4 P 50 100 75 25 100 
Week 5 P 50 100 75 100 100 
Mean P (n=20) 65 70 55 85 100 
       
Week 1 S + P 25 25 25 100 100 
Week 2 S + P 0 100 50 100 100 
Week 3 S + P 25 100 75 25 100 
Week 4 S + P 0 100 100 0 100 
Week 5 S + P 50 100 100 25 100 
Mean S + P(n=20)  20 85 70 50 100 
 
Abbreviations:  ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
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Table 7.  Summary of histologic parameters ranked by presence/absence expressed as percent 
corals exhibiting the condition for each week. 
  
TREATMENT Attenuation 
of Epidermis 
Decrease in    
Mucocytes 
Decrease in    
Spirocysts 
Decrease in 
Zooxanthellae 
Loss of    
Gonads 
Field (n=12) 25 0 8 25 8 
       
ACL (n=9) 66 78 100 100 78 
       
Week 1 C 100 50 50 50 50 
Week 1 S 100 75 75 50 100 
Week 1 P 100 25 100 100 100 
Week 1 S + P 25 25 25 100 100 
Mean Week 1(n=20) 81 44 63 75 88 
       
Week 2 C 0 0 0 100 75 
Week 2 S 0 75 25 50 100 
Week 2 P 25 25 0 100 100 
Week 2 S + P 0 100 50 100 100 
Mean Week 2 (n=20) 6 50 19 88 94 
       
Week 3 C 100 100 25 100 100 
Week 3 S 25 100 100 25 100 
Week 3 P 100 100 25 100 100 
Week 3 S + P 25 100 75 25 100 
Mean Week 3 (n=20) 63 100 56 63 100 
       
Week 4 C 100 75 50 100 100 
Week 4 S 50 100 50 50 100 
Week 4 P 50 100 75 25 100 
Week 4 S + P 0 100 100 0 100 
Mean Week 4 (n=20) 50 94 69 44 100 
       
Week 5 C 75 100 50 100 100 
Week 5 S 25 100 25 0 100 
Week 5 P 50 100 75 100 100 
WK 5 S + P 50 100 100 25 100 
Mean Week 5 (n=20) 50 100 63 56 100 
 
Abbreviations:  ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
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4.4.2  Parameters Ranked 0 to 4 
Summaries of scores from the remaining parameters that were ranked on a scale of 0 to 4 
are displayed in Tables 7 and 8 and Appendix D.  Percent corals in each treatment with 
mild (rank = 1) histopathologic changes are displayed in Table 7.  Percent corals in each 
treatment with moderate or greater (rank ≥ 2) histopathologic changes are displayed in 
Table 8.  Similar summaries grouped by week (as opposed to treatment) are presented in 
Appendix D.  The parameter of organic matrix formation in response to fungi was scored 
but not included.  Because corals mounted a strong response to the fungi, it was decided 
this parameter was not a clear indicator of impairment (E. Peters, pers. comm.) and, 
therefore, not included in summaries. 
 
For the following parameters, the degree of histopathologic change was mild in all 
treatments (including control):  mucocyte swelling (oral epidermis), basophilic layer 
formation (oral epidermis), lysing/necrosis (oral epidermis), mucocyte swelling (lower 
gastrodermis), necrosis (lower gastrodermis), and presence of protists.  For the remaining 
parameters, the degree of histopathologic change was moderate or greater in all treatment 
(including control):  necrosis (oral epidermis), attenuation (lower gastrodermis), swelling 
(calicodermis), and lysing/necrosis (mesenteries). This may imply a greater sensitivity of 
these parameters to stress incurred or that these parameters started degrading earlier than 
the others.  Also for these parameters, the moderate or greater ranks (more so than the 
mild ranks) show an increase in prevalence for treatments relative to field, acclimated, 
and control groups. 
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Table 8.  Summary of histopathological changes in A. cervicornis, expressed as percent corals exhibiting a mild case (rank = 1) of the 
condition. 
 
Treatment Epidermis: 
MUC SWL 
Epidermis: 
LYS/NEC 
Epidermis: 
BL 
Gastrodermis: 
ATT 
Gastrodermis: 
SWL 
Gastrodermis: 
LYS/NEC 
Calicodermis: 
MUC SWL 
Mesenteries: 
LYS/NEC 
Field (n=12) 67 17 6 42 67 17 0 17 
         
ACL (n=9) 78 89 11 33 0 67 22 67 
         
WK 1 C 75 100 25 50 0 50 25 25 
WK 2 C 0 100 0 25 0 75 0 100 
WK 3 C 100 0 25 0 0 50 0 0 
WK 4 C 100 25 75 25 0 25 50 50 
WK 5 C 100 0 100 25 0 0 0 0 
Mean C (n=20) 75 45 45 25 0 40 15 35 
         
WK 1 S 100 50 50 0 0 75 25 100 
WK 2 S 75 75 0 25 0 25 0 50 
WK 3 S 75 0 50 0 50 0 50 0 
WK 4 S 100 0 100 0 25 50 75 25 
WK 5 S 100 0 100 50 0 0 25 25 
Mean S (n=20) 90 25 40 15 15 30 35 40 
         
WK 1 P 25 100 0 75 0 100 0 50 
WK 2 P 75 50 0 50 0 25 0 50 
WK 3 P 75 50 0 25 0 25 25 0 
WK 4 P 100 0 50 0 0 0 25 0 
WK 5 P 100 0 100 0 0 0 0 0 
Mean P (n=20) 75 40 30 30 0 30 10 20 
         
WK 1 S + P 25 100 0 100 0 100 0 0 
WK 2 S + P 100 50 25 0 0 75 0 0 
WK 3 S + P 50 0 75 50 0 25 75 0 
WK 4 S + P 100 0 100 50 0 0 25 0 
WK 5 S + P 100 0 100 25 0 0 50 0 
Mean S + P (n=20) 75 30 60 45 0 40 30 0 
 
Abbreviations:  MUC SWL = mucocyte swelling; LYS/NEC = lysing of cells/necrosis; BL = basophilic layer; ATT = attenuation; 
SWL = swelling; WK = week. 
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Table 9.  Summary of histopathological changes in A. cervicornis, expressed as percent corals exhibiting a moderate or greater case 
(rank ≥ 2) of the condition. 
 
 
Abbreviations:  MUC SWL = mucocyte swelling; LYS/NEC = lysing of cells/necrosis; BL = basophilic layer; ATT = attenuation; 
SWL = swelling; WK = week. 
Treatment  Epidermis: 
MUC SWL 
Epidermis: 
LYS/NEC 
Epidermis: 
BL 
Gastrodermis: 
ATT 
Gastrodermis: 
SWL 
Gastrodermis: 
LYS/NEC 
Calicodermis: 
MUC SWL 
Mesenteries: 
LYS/NEC 
Field (n=12) 8 0 0 25 8 8 0 0 
         
ACL (n=9) 0 0 0 56 0 0 22 33 
         
WK 1 C 0 0 0 25 0 0 0 0 
WK 2 C 0 0 0 75 0 0 25 0 
WK 3 C 0 100 0 100 0 0 50 100 
WK 4 C 0 75 0 75 0 0 75 50 
WK 5 C 0 100 0 75 0 0 100 100 
Mean C (n=20) 0 55 0 70 0 0 50 50 
         
WK 1 S 0 50 0 75 0 0 25 0 
WK 2 S 0 0 0 50 0 0 50 50 
WK 3 S 0 100 0 100 0 0 100 100 
WK 4 S 0 100 0 100 0 0 50 75 
WK 5 S 0 100 0 50 0 0 100 75 
Mean S(n=20) 0 70 0 75 0 0 65 60 
         
WK 1 P 0 0 0 25 0 0 0 50 
WK 2 P 0 50 0 50 25 0 75 50 
WK 3 P 0 50 0 75 0 0 75 100 
WK 4 P 0 100 0 100 0 0 100 100 
WK 5 P 0 100 0 100 0 0 100 100 
Mean P (n=20) 0 60 0 70 5 0 70 80 
         
WK 1 S + P 0 0 0 0 0 0 0 100 
WK 2 S + P 0 25 0 100 0 0 25 100 
WK 3 S + P 0 100 0 50 0 0 75 100 
WK 4 S + P 0 100 0 25 0 0 100 100 
WK 5 S + P 0 100 0 50 0 0 100 100 
Mean S + P (n=20) 0 65 0 45 0 0 60 100 
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Table 10.  Summary of histopathological changes in A. cervicornis, expressed as percent corals exhibiting a mild case (rank = 1) of the condition. 
 
Treatment  Epidermis: 
MUC SWL 
Epidermis: 
LYS/NEC 
Epidermis: 
BL 
Gastrodermis: 
ATT 
Gastrodermis: 
SWL 
Gastrodermis: 
LYS/NEC 
Calicodermis: 
MUC SWL 
Mesenteries: 
LYS/NEC 
FLD (n=12) 67 17 6 42 67 17 0 17 
          
ACL (n=9) 78 89 11 33 0 67 22 67 
          
Week 1 C 75 100 25 50 0 50 25 25 
Week 1 S 100 50 50 0 0 75 25 100 
Week 1 P 25 100 0 75 0 100 0 50 
Week 1 S + P 25 100 0 100 0 100 0 0 
Mean WK 1 (n=20) 56 88 19 56 0 81 13 44 
          
Week 2 C 0 100 0 25 0 75 0 100 
Week 2 S 75 75 0 25 0 25 0 50 
Week 2 P 75 50 0 50 0 25 0 50 
Week 2 S + P 100 50 25 0 0 75 0 0 
Mean WK 2 (n=20) 63 69 6 25 0 50 0 50 
          
Week 3 C 100 0 25 0 0 50 0 0 
Week 3 S 75 0 50 0 50 0 50 0 
Week 3 P 75 50 0 25 0 25 25 0 
Week 3 S + P 50 0 75 50 0 25 75 0 
Mean WK 3 (n=20) 75 13 38 19 13 25 38 0 
          
Week 4 C 100 25 75 25 0 25 50 50 
Week 4 S 100 0 100 0 25 50 75 25 
Week 4 P 100 0 50 0 0 0 25 0 
Week 4 S + P 100 0 100 50 0 0 25 0 
Mean WK 4 (n=20) 100 6 81 19 6 19 44 19 
          
Week 5 C 100 0 100 25 0 0 0 0 
Week 5 S 100 0 100 50 0 0 25 25 
Week 5 P 100 0 100 0 0 0 0 0 
Week 5 S + P 100 0 100 25 0 0 50 0 
Mean WK 5 (n=20) 100 0 100 25 0 0 19 6 
Abbreviations:  MUC SWL = mucocyte swelling; LYS/NEC = lysing of cells/necrosis; BL = basophilic layer; ATT = attenuation; 
SWL = swelling; WK = week. 
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Table 11.  Summary of histopathological changes in A. cervicornis, expressed as percent corals exhibiting a moderate or greater case (rank ≥ 2) of 
the condition. 
 
Treatment  Epidermis: 
MUC SWL 
Epidermis: 
LYS/NEC 
Epidermis: 
BL 
Gastrodermis: 
ATT 
Gastrodermis: 
SWL 
Gastrodermis: 
LYS/NEC 
Calicodermis: 
MUC SWL 
Mesenteries: 
LYS/NEC 
FLD (n=12) 8 0 0 25 8 8 0 0 
          
ACL (n=9) 0 0 0 56 0 0 22 33 
          
Week 1 C 0 0 0 25 0 0 0 0 
Week 1 S 0 50 0 75 0 25 0 0 
Week 1 P 0 0 0 25 0 0 0 50 
Week 1 S + P 0 0 0 0 0 0 0 100 
Mean WK 1 (n=20) 0 13 0 31 0 6 0 38 
          
Week 2 C 0 0 0 75 0 25 0 0 
Week 2 S 0 0 0 50 0 50 0 50 
Week 2 P 0 50 0 50 25 75 0 50 
Week 2 S + P 0 25 0 100 0 25 0 100 
Mean WK 2 (n=20) 0 19 0 69 6 44 0 50 
          
Week 3 C 0 100 0 100 0 50 0 100 
Week 3 S 0 100 0 100 0 100 0 100 
Week 3 P 0 50 0 75 0 75 0 100 
Week 3 S + P 0 100 0 50 0 75 0 100 
Mean WK 3 (n=20) 0 88 0 81 0 75 0 100 
          
Week 4 C 0 75 0 75 0 75 0 50 
Week 4 S 0 100 0 100 0 50 0 75 
Week 4 P 0 100 0 100 0 100 0 100 
Week 4 S + P 0 100 0 25 0 100 0 100 
Mean WK 4 (n=20) 0 94 0 75 0 81 0 81 
          
Week 5 C 0 100 0 75 0 100 0 100 
Week 5 S 0 100 0 50 0 100 0 75 
Week 5 P 0 100 0 100 0 100 0 100 
Week 5 S + P 0 100 0 50 0 100 0 100 
Mean WK 5 (n=20) 0 100 0 69 0 100 0 94 
Abbreviations:  MUC SWL = mucocyte swelling; LYS/NEC = lysing of cells/necrosis; BL = basophilic layer; ATT = attenuation; 
SWL = swelling; WK = week.
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4.4.3  Total Condition Score 
Scores from parameters ranked by presence/absence and parameters ranked from 0 to 4 
were summed to create a histopathologic condition score for each individual coral 
specimen.  A summary of condition scores for treatments after each week of exposure 
(Weeks 1 to 4), after 4 weeks exposure (mean), and after the recovery period (Week 5) 
are displayed in Table 10.  Scores from field and acclimated groups are displayed as well 
for comparison. 
 
The Kruskal-Wallis one-way analysis of variance (non-parametric equivalent to 
ANOVA) with multiple comparisons (non-parametric equivalent to post-hoc tests) was 
performed to compare condition scores between field, acclimated, and treatment groups 
after each week (including the recovery period) and mean scores after 4 weeks of 
exposure.  Significant differences were found between field and acclimated groups, and 
between field and various treatment groups in each week (p < 0.05, Kruskal-Wallis) 
(Table 8). 
 
Because no significant differences were found in the Kruskal-Wallis ANOVA between 
treatments within the same week, pair-wise Mann-Whitney U tests were performed.  
Significant differences between several treatment groups were found in Weeks 1 to 3 
(p < 0.05, Mann-Whitney U test) (Table 9).  No significant differences were found 
between treatments in Week 4, the recovery period (Week 5), or means after 4 weeks of 
exposure. 
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Condition scores increased (although were not statistically significant) during Weeks 1 to 
4 for all treatments, including the control (Table 8).  However, scores for each treatment 
at Week 1 were significantly different from those at Week 4 (Table 9) (p < 0.05, 
Mann-Whitney U test).  Condition scores for both sand and sand + phosphate treatments 
decreased (although were not significant) after the recovery period (Week 5), while 
respective scores for control and phosphate treatments increased (although were not 
significant). 
 
Table 12.  Summary of histopathologic condition scores during the experimental (Weeks 1-4) 
and recovery (Week 5) periods.  Numbers are median of condition scores for all fragments in 
each experimental group with range of scores in parentheses below.  Shaded values are 
significantly different from the field (FLD) condition (p < 0.05, Kruskal-Wallis ANOVA). 
 
Week FLD 
(n=12) 
ACL 
(n=9) 
C 
(n=4) 
S 
(n=4) 
P 
(n=4) 
S + P 
(n=4) 
0 3.5 (1-8) 
10 
(7-13) X x x x 
1 x x 7.5 (4-9) 
11 
(9-13) 
9 
(8-12) 
7.5 
(7-10) 
2 x x 7 (6-7) 
8.5 
(6-10) 
11 
(7-18) 
11.5 
(11-13) 
3 x x 13.5 (13-14) 
15.5 
(15-16) 
13 
(12-14) 
13 
(10-14) 
4 x x 13.5 (11-17) 
15 
(12-18) 
14.5 
(14-19) 
15 
(12-16) 
Median 
(Weeks 1 to 4) 
3.5 
(1-8) 
10 
(7-13) 
10 
(4-17) 
12.5 
(6-18) 
12.5 
(7-19) 
12 
(7-16) 
5 
(Recovery) x x 
16 
(15-17) 
12 
(11-17) 
17 
(16-19) 
14 
(12-18) 
 
Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
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Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate;            
S + P = sand + phosphate. 
 
Figure 20.  Display of median weekly histopathologic condition scores.  Error bars are range of 
scores. 
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Table 13.  Significant p-values (p < 0.05) for pair-wise comparisons (Mann-Whitney U tests) of 
histopathologic condition scores among various treatment groups. 
 
Compared Treatment Groups p-value 
FLD vs. ACL 0.00029 
Week 1 C vs. S 0.03038 
Week 1 S vs. S + P 0.04331 
Week 2 C vs. S + P 0.02092 
Week 2 S vs. S + P 0.02092 
Week 3 C vs. S 0.02092 
Week 3 S vs. P 0.02092 
Week 3 S vs. S + P 0.02092 
Week 1 vs. Week 4 C 0.02092 
Week 1 vs. Week 4 S 0.04331 
Week 1 vs. Week 4 P 0.02092 
Week 1 vs. Week 4 S + P 0.02092 
FLD vs. Mean C  0.00022 
FLD vs. Mean S 0.00002 
FLD vs. Mean P 0.00002 
FLD vs. Mean S + P 0.00002 
 
Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate. 
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5.0  DISCUSSION 
 
In this study, repeated daily doses of sedimentation (200 mg cm-2 day-1) and/or phosphate 
enrichment (4 µM) for 4 weeks resulted in sub-lethal gross morphological and 
histopathological changes to laboratory specimens of A. cervicornis.  Sub-lethal effects of 
stress on corals are often referred to as complex (Peters and Pilson, 1985;Vargas-Ángel 
et al., 2006a) and variable according to species.  The morphological, behavioral, and 
histopathological responses observed in this study paralleled those previously 
documented for corals and anemones subjected to sedimentation and other sources of 
stress; however, this study was unique in that it was the first to compare histopathological 
responses to two different known stressors (sedimentation and phosphate) in 
A. cervicornis as well as the first to evaluate histological responses to elevated phosphate 
in the scleractinia. 
 
5.1  Sediment Shedding Efficiency 
The aborescent morphology of A. cervicornis enables efficient passive sediment removal 
(Hubbard and Pocock, 1972).  However, features such as small polyp size, few septa, and 
low relief of calices make A. cervicornis less efficient at active removal via tissue 
distention (Hubbard and Pocock, 1972) and tentacular action.  Good passive sediment 
removal combined with poor active sediment removal has led to A. cervicornis being 
categorized as “intermediate” (Hubbard and Pocock, 1972) or “poor” (Bak and 
Elgershuizen, 1976) in terms of sediment clearing capability compared to other 
Caribbean species, as well as more sensitive to shading (Rogers, 1979), which may result 
from increased turbidity.  In the laboratory, Bak and Elgershuizen (1976) found 
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A. cervicornis to be one of the least efficient of the 19 Caribbean coral species at 
sediment removal, with clearing rates ≥ 25 hours (however, mean sediment grain size 
used in experiments was very large [1.2 mm] and sedimentation rates varied between 
250 to 1000 mg cm-2 day-1). 
In this study, corals were effective sediment shedders, with the ability to clear nearly all 
tissue in ≤ 30 minutes for the duration of daily sanding applications for 4 weeks.  
However, sand grains in the oral area and/or on the coenosarc initially remained for up to 
2 hours, which gradually increased to 24 hours after 4 weeks.  Shedding efficiency likely 
decreased as a result of decreased mucus secretory capacity, as evidenced by atrophied 
and less abundant mucocytes in histological tissue sections.  The small grain size of 
sediment used, in addition to passive removal by water circulation in aquaria (operation 
of pumps resumed 15 minutes after sand application) likely contributed to sediment 
clearing efficiency.  Passive removal by pumps underscores the important role currents 
and storms can play in survival of corals from episodic sedimentation events on the reef 
(Johnson, 1987).  In the field, experimental sand applications of (200 mg cm-2 day-1) on 
A. cervicornis did not induce measurable harm, likely as a result of sediment removal by 
wave action (Rogers, 1983).  Perhaps increasing the number of daily sand applications 
(not necessarily the amount) and/or using coarser sediments in this experiment would 
have elicited a more dramatic decline in clearing rates.  Hubbard and Pocock (1972) 
found sediment shedding efficiency of A. cervicornis to decrease with increasing grain 
size and the propensity of coarser grains (≥ 500 µm) to wedge inside individual corallites. 
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The currently accepted threshold of sedimentation for healthy reefs in the Caribbean is 
≤ 10 mg cm-2 day-1 (Rogers, 1983; Rogers, 1990).  However, sediment thresholds of 
corals are species and site-specific, therefore caution should be used in any attempt to 
predict effects a given amount of sedimentation will have on a reef.  The amount used in 
this study (200 mg cm-2 day-1) is considered “high” and 20 times the “normal” Caribbean 
rate.  Sedimentation rates this high do occur naturally on reefs in some places (i.e., near 
river mouths) and episodically during storms and/or hurricanes; however, anthropogenic 
causes of sedimentation (i.e., deforestation, run-off, dredging) are more likely to cause 
such rates.  In Florida, dredge plumes have resulted in sedimentation rates of 200 to 
382 mg cm-2 day-1 (Griffin, 1974 as cited in Rogers, 1990; Marzalek, 1981), while 
deforestation is suspected to have led to rates up to 360 mg cm-2 day-1 in Costa Rica 
(Cortes and Risk, 1985). 
5.2  Gross Morphology 
Gross morphological changes observed, such as retracted polyps, hydrostatic inflation of 
tentacles (swelling), extrusion of mesenterial filaments, palor, and partial bleaching are 
some usual stress responses in corals (Bak and Elgerhuizen, 1976; Brown and Howard, 
1985).  Retraction of polyps and mucus production are common protective behavioral 
responses of corals to adverse conditions (Brown and Howard, 1985; Manzello and 
Lirman, 2003); however, bleaching and extrusion of mesenterial filaments may signify 
more advanced disturbance (Brown and Howard, 1985). 
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Retraction of polyps and palor were likely influenced by tank effects, as control 
specimens exhibited these conditions equally or more so when compared to other 
treatments.  Palor in the sand, phosphate, and especially sand + phosphate treatment may 
have been alieviated by increased zooxanthellae densities, as suggested by histology and 
relative darkening of external tissues.  Zooxanthellae may have increased to compensate 
for light attenuation from increased turbidity in sanded treatments and/or as a result of 
fueled growth from phosphate enrichment.  Palor and/or bleaching of fragment bases 
(S, S + P) and prolonged polyp retraction may have had negative impacts to autotrophic 
and heterotrophic feeding capabilities (Philipp and Fabricius, 2003).  Retraction of polyps 
has been linked with reduced symbiotic net photosynthesis in Porites furcata (Manzello 
and Lirman, 2003), while the loss of zooxanthellae associated with paling and/or 
bleaching is known to cause a lack of nutrition for a variety of coral hosts (Muscatine and 
Porter, 1977; Glynn, 1993; Hoegh-Guldberg, 1999). 
In previous laboratory sedimentation experiments on stony corals, retracted polyps, 
mucus production, tissue swelling, and localized bleaching were also observed (Bak and 
Elgerhuizen, 1976; Riegl, 1995; Vargas-Ángel et al., 2006a).  Experimental 
sedimentation studies on in-situ A. cervicornis found localized bleaching at bases of 
branches (Rogers, 1990) and palor as a result of drilling muds (Thompson, Shinn, and 
Bright, 1980).  In Broward County, localized bleaching and/or partial mortality of coral 
colony bases from burial by sediment (after storms, hurricanes, and/or dredging) have 
been observed (author, pers. observ.). 
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Excess mucus production observed in sanded treatments most likely led to increases in 
energy expenditure of corals.  In a laboratory study on four stony coral species subjected 
to high sedimentation rates, energy expenditure was shown to increase due to decreased 
P/R ratios and increased loss of carbon via secreted mucus (Riegl and Branch, 1995). 
The loss of white apical tips was most prevalent in the sand + phosphate treatment, 
followed by the sand treatment, the phosphate treatment, and the control, respectively 
(Appendix 3).  Although growth was not measured, the loss of white tips seems to 
corroborate reduced growth rate of treated coral fragments.  Previous laboratory studies 
have reported reduced growth rates in other species of scleractinia after exposure to ≥ 2 
µM phosphate (Stambler et al., 1991; Ferrier-Pages et al., 2000).  A similar laboratory 
study on A. cervicornis found significantly depressed growth rates after exposure to 
phosphate concentrations at 2 and 4 µM (Renegar and Riegl, 2005).  If the loss of white 
apical tips were indeed a reflection of slowed growth from phosphate exposure, this 
would lend support to Simkiss’ theory that phosphate inhibits calcification in stony 
corals.  It is likely that inter-specific variability exists in sensitivity to phosphate, 
however, fast-growing branching species, such as acroporids, may be more affected 
compared to massive species, due to reliance on fast growth rate as a survival strategy 
(Gates and Edmunds, 1999). 
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Although cyanobacteria had no apparent deleterious impact on coral tissues, its presence 
in both phosphate treatments underscores the classic model of increased nutrients fueling 
algal growth.  With more prolonged phosphate exposure, cyanobacteria may have 
overgrown bases of coral fragments and injured live tissue.  In coastal waters offshore 
Fort Lauderdale, Florida, where specimens for this study were collected, cyanobacteria 
blooms of the genus Lyngbya have been observed in summer months overgrowing 
A. cervicornis thickets (Figure 21).  Lyngbya blooms have plagued the southeast coast of 
Florida in recent years (Paul et al. 2005) and may be a consequence of elevated nitrogen 
and phosphorus from land-based runoff and/or sewage outfalls (K. Banks, pers. comm).  
Additionally, laboratory and field studies have confirmed stimulated growth of Lyngbya 
majuscula after exposure to phosphorus (Kuffner and Paul, 2001; Ahern, Ahern, and 
Udy, 2007). 
Figure 21.  Lyngbya bloom smothering colonies of A. cervicornis offshore Fort Lauderdale, FL. 
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Although gross morphological responses to sand and/or phosphate were similar, 
responses to sand + phosphate were most severe, followed by sand, then phosphate.  
Effects of sand alone were believed to have been more injurious than phosphate alone, 
denoted by excess mucus production and partial bleaching not observed in the phosphate 
treatment.  The additive or synergistic effect from both sand and phosphate lends support 
to the theory that synergistic effects of various stressors are likely responsible for the 
current cosmopolitan decline in coral reefs (Knowlton, 2001; Agardy, 2004). 
5.4  Quantitative Histopathology 
Few studies have performed histological measurements on tissues and/or cells of 
scleractinian corals, and, even fewer studies exist specifically for A. cervicornis (but see 
Peters, 1984a).  In this study, quantitative measurements were performed for epidermal 
mucocyte abundance, epidermal mucocyte diameter, and epidermal thickness.  Ranges 
and/or means are useful in reporting histological measurements due to natural intra- and 
inter-colony variation in coral tissues, shrinkage of tissues and cells due to processing, 
and varying tissue orientations during microtomy. 
The histological account by Peters (1984a) included measurements on mucocyte 
abundance and epidermal thickness of A. cervicornis.  Mucocytes in healthy specimens 
were reported to be 3 to 5 per 600 μm2 tissue (length of epidermal tissue surveyed 
multiplied by tissue thickness of section).  In this study, mean active mucocyte 
abundance was 10 cells per 250 μm2 tissue (50 µm length x 5 µm thick), or 10 cells per 
50 µm length of epidermal tissue, for healthy field specimens.  Mean abundance of 
mucocytes in control, phosphate, sand, and sand + phosphate treatments were 5.9, 5.5, 3.6 
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and 2.4 cells per 50 µm length of epidermal tissue, respectively, after 4 weeks exposure 
(Figure 17).  The higher mean number of mucocytes in normal, healthy tissues in this 
study compared to that of Peters (1984a) could be due to regional differences in sediment 
tolerance.  Samples in this study were collected from high-latitude reefs, which may be 
better adapted to higher sediment loads and have higher mucocyte abundances in the 
epidermis as compared to the Caribbean samples in Peters’ study (1984a). 
This is the first study to report mucocyte diameter in A. cervicornis.  Mucocyte diameter 
decreased both quantitatively and qualitatively in a similar laboratory sedimentation 
study on the Caribbean massive coral, Montastraea cavernosa (Miller, 2006); however, 
in this study measurements did not reflect a change in mucocyte size (Figure 18).  This 
finding was not corroborated by histological observations, which described an initial 
increase in size or swelling due to increased mucin production, followed by atrophy and 
eventual “burn out” of epidermal mucocytes.  Measurements of mucocyte diameter did 
not accurately reflect cell sizes observed, as only active mucin-producing cells were 
measured, which tended to be larger and more swollen.  Atrophied mucocytes that no 
longer contained mucin did not stain and were nearly indistinguishable from columnar 
support cells and, therefore, overlooked in measurements, skewing results. 
Peters (1984a) reported the epidermal layer of healthy A. cervicornis to be approximately 
25 µm thick in longitudinal section, which was similar to the mean of 31.70 ± 4.50 µm 
found in this study for healthy field specimens (Figure 19).  Measurements of both 
epidermal thickness and mucocyte diameter in response to sediment loading are available 
for M. cavernosa (Miller, 2006) but should not be equated, as colony morphology, polyp 
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size, and orientation differ greatly from A. cervicornis.  However, thickness of the 
epidermis did decrease significantly in M. cavernosa study (Miller, 2006).  Although 
statistically significant differences were not found for this particular parameter in the 
present study, epidermal thickness of treated specimens (including controls) did decrease 
with increased exposure, relative to field specimens (Figure 19). 
Of the three parameters measured, mucocyte abundance was the only parameter to show 
statistical differences among both treatments and weekly means (Figure 17).  The trend 
of decreased mucocyte abundance with increased exposure to treatments was clear and 
most severe for the sand + phosphate, followed by the sand, then the phosphate treatment, 
supporting an additive or synergistic effect of sand and phosphate.  Other histopathologic 
studies have quantitatively and qualitatively reported reduced mucocyte abundance in 
corals and anemones exposed to sediment, dredge spoils, and/or oil (Peters et al., 1981; 
Peters and Pilson, 1985; Peters and Yevich, 1989; Riegl and Bloomer, 1995; 
Vargas-Ángel et al., 2006a). 
5.5  Semi-Quantitative Histopathology 
 
Quantitative measurements of specific tissue and cellular parameters helped confirm 
semi-quantitative and qualitative results.  The semi-quantitative ranking scale (Table 5) 
was patterned after those employed in previous coral histopathology studies (See Peters 
and Pilson, 1985; Vargas-Ángel et al., 2006a).  Condition scores are a common way to 
display and analyze data in histopathologic studies (Hinton et al., 1992; Peters, 2003).  
Surprisingly, median condition scores after 4 weeks of exposure were very similar for 
sand, phosphate, and sand + phosphate treatments (Table 8).  Summing the separately 
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ranked parameters to create the condition score masked more dramatic differences among 
treatments for certain parameters (Tables 7, 8).  Additive or synergistic effects of sand 
and phosphate were not clear from separately ranked parameters nor summed condition 
scores.  However, quantitative data for mucocyte abundance did show a statistically 
significant additive or synergistic effect of the two stressors at Week 4 and Week 5, 
respectively (Figure 17). 
 
In this study, histopathological signs of stress were similar for sand and/or phosphate and 
similar to histopathological trends documented in other studies (See Peters and Pilson, 
1985; Vargas-Ángel et al., 2006a).  Specifically, in response to mild amounts of stress 
induced by both sand and/or phosphate, mucocytes in the oral epidermis showed an initial 
increase in size and mucus production, followed by atrophy, decreased mucus production, 
and reduced number of active cells with increased exposure.  This trend suggests severe 
energy depletion and possible explanation of longer clearing rates observed later in the 
experiment.  This trend was first described by Schumacher (1979) who found the 
abundance of functioning mucocytes decreased with increased sedimentation, a finding 
that has since been validated by other histopathological studies after exposure to various 
sources of stress (Peters et al., 1981; Peters, 1984b; Peters and Pilson, 1985; 
Vargas-Ángel et al., 2006a).  Because mucus secretion is one of a coral’s primary defense 
mechanisms, atrophy and eventual “burn out” of these cells might be expected, especially 
in response to sedimentation, as was observed in this study.  Cells in the epidermis of 
treated corals also became more granular in appearance and less basophilic compared to 
field and control specimens.  Similar degenerative changes were noted in the  
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epidermis of M. cavernosa (Vargas-Ángel et al., 2006a) and the sea anemone, 
Ceriantheopsis americanus (Peters and Yevich, 1989) after exposure to sediments and 
dredge spoils, respectively. 
In the mesenteries, mucocyte swelling and atrophy, along with lysing/necrosis of 
cnidoglandular bands of filaments, were suggestive of irritation to these tissues and 
congruent with mesenterial filament extrusion observed in gross morphology, which is 
known to be a common stress response of corals (Brown and Howard, 1985).  
Developing oocytes normally present in mesenteries disappeared after Week 2 and may 
have been resorbed as a means of conserving energy.  Vargas-Ángel et al. (2006a) also 
noticed a loss of and possible resorption of gonads in the above-mentioned sedimentation 
study on M. cavernosa.  Harmful effects of sediment and oil have been documented on 
gametogenesis in anthozoans, such as abnormal gonad development, resorption of 
gametes, and/or reduced size of ova (Peters et al., 1981; Ormond and Caldwell, 1982; 
Peters and Yevich, 1989; Vargas-Ángel et al., 2006a).  Gametogenesis was one of the 
first processes affected by stress in this study, confirming its sensitivity to environmental 
perturbations and underscoring the negative impacts of stress to reproductive fitness and 
success. 
Other tissue and cellular changes observed (such as zooxanthellae loss, attenuation and 
necrosis of the gastrodermis, lysing and necrosis of mesenterial filaments, mucocyte 
swelling and hyperplasia of eosinophilic granules in the calicodermis, and the presence of 
protozoa near necrotic tissues) are consistent with previous histopathological work on  
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corals and anemones exposed to sedimentation, oil, and pollutants (Peters et al., 1981; 
Peters, 1984b; Peters and Pilson, 1985; Peters and Yevich, 1989; Glynn et al., 1993; 
Dunn et al., 2004; Work and Rameyer, 2005; Vargas-Ángel et al., 2006a). 
 
5.6  Hyaline, Fibrillar Lesions 
 
The hyaline, fibrillar lesions may have been caused by a secretory reaction by the coral 
and are most likely composed of organic matrix, which secretes the coral skeleton.  
Organic matrix may have been produced to “wall off” skeletal infiltrating fungi and 
surround them with skeleton (E. Peters, pers. comm.).  Alternatively, the material may 
have been hyalinized mesoglea, denuded of gastrodermis and calicodermis, and in a 
severe state of necrosis (T. Work, pers. comm.) or a type of proteinaceous secretion by 
invading sponges (B. Vargas-Ángel, pers. comm.). 
 
5.7  Tank Effects 
 
It is difficult to avoid tank effects in laboratory aquaria studies.  Tank effects were 
present as acclimated and control specimens exhibited similar gross morphological and 
histopathological alterations as treated specimens.  However, severity and duration of 
alterations were less when compared to treated specimens. 
 
The experimental design of this study required 16 replicate, closed-system aquaria, which 
likely contributed to tank effects due to the relatively small water volume in each tank 
(i.e., 20.8 L).  Tank effects may have been alleviated somewhat by the usage of larger 
aquaria or flow-through systems; however, these were not viable options due to statistical 
concerns with pseudo-replication and lack of facilities.  It has been noted that branching 
corals with fast growth rates and low metabolism, such as A. cervicornis, may be more 
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sensitive and, thus, more difficult to keep in aquaria compared to hardier, massive species 
with low growth rates and higher metabolism (Gates and Edmunds, 1999).  Due the 
above-stated concerns, a long acclimation period (3 months) was carried out, and 
specimens showing signs of stress were removed and excluded from the experiment.  
Also, 6,500 K (opposed to more standard 10,000 K) metal halide bulbs were used to better 
simulate the light spectrum in shallow waters where this species is locally found. 
 
5.8  Recovery Potential 
 
Although complete mortality did not result from elevated levels of sand and/or phosphate 
in this study, functional and structural sub-lethal changes that may or may not have been 
reversible were apparent in the histopatholgoy and gross morphology.  After the 1-week 
recovery period, coral specimens exhibited slight improvement in gross morphological 
appearance (denoted by more polyp extension and slight darkening of paled tissues in 
some treatments). 
Conversely, histopathological changes became more severe during the recovery period, 
indicating a possible lag time in treatment effects on tissues and cells.  Some specimens 
(especially the sand + phosphate treatment) incurred clearly irreversible changes, such as 
severe diffuse necrosis, and would have likely died given longer exposure.  Delayed 
responses of corals to stress are possible (Kendall et al., 1983) as are delayed effects from 
metabolic shock (Bak, 1978; Johnson, 1987).  Bak (1978) found this to be true for other 
Caribbean species, Madracis mirabilis and Agaricia agaricites, which suffered 
suppressed calcification rates for periods exceeding those of actual disturbance from  
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dredging.  A similar finding resulted for phosphate-enriched specimens of the 
Indo-Pacific branching coral, Stylophora pistillata, in which growth rate further 
decreased after a 5-week recovery period (Ferrier-Pagès et al., 2000). 
The amount of time required by corals for recovery from stress is not well understood 
(Kendall et al., 1983, 1985), yet probably requires months (Jaap and Wheaton, 1975; 
Peters et al., 1981).  Histopathological studies have noted improvement in tissue 
condition after recovery periods of several months (Glynn et al., 1985; Peters and Yevich, 
1989), which is likely the length of time necessary to observe tissue repair.  In total, 6 
months were needed to observe complete recovery of original zooxanthellae densities in a 
field study on M. annularis after a severe bleaching event (Hayes and Bush, 1990).  
Studies examining other parameters such as growth rate found recovery periods of a few 
days to weeks successful for A. cervicornis after exposure to various stressors (e.g., 
drilling muds, kaolin, nutrients, pCO2) (Kendall et al., 1983, 1985; Renegar and Riegl, 
2005).  In the field, populations of A. cervicornis have shown rapid recovery (5 years) 
after partial destruction from storms, hurricanes, and cold-water events because of its 
rapid growth rate and asexual fragmentation (Shinn, 1976).  However, recovery of this 
species after recent catastrophic declines from WBD has been nearly non-existent.  
Hence, life-history strategies of a particular species are important in determining recovery 
potential after disturbance (Brown and Howard, 1985). 
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Also important in determining recovery potential are severity, duration, and additive or 
synergistic effects of stresses present.  If stresses are multiple and/or chronic, the 
potential for recovery from other acute stresses may be compromised (Kinsey, 1988; 
Richmond, 1993).  In other laboratory studies, Ferrier-Pagès et al. (2000) found additive 
effects of increased phosphate and nitrate on growth rate in S. pistillata while Renegar 
and Riegl (2005) found reduced growth rate of A. cervicornis in response to increased 
nutrients and pCO2, with additive effects of two different stressors and decreased 
recovery of specimens compared to single-stress treatments. 
5.9  Broader Impacts 
 
Effective, rapid, and reliable means of assessing the health of corals is vital to the 
survival of coral reef ecosystems.  Coral reef monitoring efforts must incorporate metrics 
of coral health at physiological, cellular, and/or molecular levels to better diagnose 
potential stresses before partial mortality occurs.  Histopathology enables earlier 
detection of changes in tissues and cells, indicative of physiologic and metabolic 
impairment.  For decades, histopathology has been a valuable tool in assessing the health 
of many marine organisms, especially finfish and shellfish (Hinton et al., 1992; Yevich 
and Yevich, 1994); however, its use on corals has been more limited (Peters 1984a,b).  
This study should enhance current knowledge of histopathological reactions in 
scleractinians.  More specifically, it offers a timely look at tissue and cellular reactions to 
anthropogenic sources of stress in the Caribbean staghorn coral, A. cervicornis, recently 
listed as threatened under the U.S. Endangered Species Act.  It is hoped that information 
from this study may contribute to future preservation of this imperiled species with 
further applications to the fields of coral stress and disease. 
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6.0  CONCLUSIONS 
Exposure to elevated levels of sedimentation and phosphate resulted in both gross 
morphological and histological alterations in A. cervicornis.  Results indicated that 
degenerative histopathological changes occurred before gross morphological changes 
manifested.  This underscores the importance of incorporating more sensitive metrics of 
coral health at tissue, cellular, and/or sub-cellar levels to coral reef assessment and 
monitoring programs in attempts to detect potential stress and compromised health of 
corals earlier. 
Exposure to increased levels of sedimentation and/or phosphate for all specimens resulted 
in similar patterns of gross morphologic changes, including polyp retraction, tentacular 
swelling, extrusion of mesenterial filaments, and tissue discoloration (palor and/or 
bleaching) (Table 4).  Presence of excess mucus and partial tissue mortality were unique 
to sand treatments (Table 4); however, no gross morphological changes were exclusive 
to phosphate treatments.  Therefore, a robust set of diagnostic gross morphologic criteria 
specific to either sand or phosphate stress was not defined in this study.  However, 
changes were congruent with documented general gross morphological coral stress 
responses (Brown and Howard, 1985; Brown, 1997; Vargas-Ángel et al., 2006). 
Severity of gross morphological changes were similar for sand and phosphate treatments, 
and appeared to have an additive or synergistic effect, with the most severe cases found 
in the sand + phosphate treatment (Table 4).  As expected, the severity of changes  
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augmented with increased exposure time in all treatments (Appendix 3, Table A).  
Although analyses of gross morphologic changes were not quantitative, these results 
provided additional information that aided diagnoses of dysfunction in experimental 
corals. 
Histopathologic alterations were successfully analyzed using quantitative, 
semi-quantitative, and qualitative (descriptive) means.  Histopathological examination of 
tissues and cells from A. cervicornis offered fine-scale resolution and early detection of 
damage from sedimentation and phosphate.  Many tissue and cellular alterations were 
apparent, including attenuation, swelling, lysing, and necrosis of major tissues and cells; 
decreased abundance of vital cells such as mucocytes, spirocysts, and zooxanthellae; loss 
of gonads; and presence of protozoa, bacteria, and/or other lesions (Table 5). 
Types and severity of histopathologic changes were similar for sand and/or phosphate, 
without a clear additive or synergistic effect (Tables 6, 8, 9, 10).  As expected, 
histopathologic changes became more acute with increased exposure (Table 7 and 
Appendix 3, Tables B, C).  Histopathological changes were not diagnostic to either sand 
or phosphate, with the exception of the abundance of epidermal mucocytes.  This 
parameter was more severely impacted by sand compared to phosphate (Table 6 and 
Figure 17), though most severely impacted by the combined sand + phosphate treatment 
after Week 3, suggesting an additive or synergistic effect (Figure 17).  The decline in 
epidermal mucocytes proved to be a reliable histologic indicator of stress, especially for 
sedimentation exposure. 
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Although survivorship of experimental specimens was 100 %, fitness was gravely 
compromised as a result of impairments to major tissue and cell structures, which were 
assumed to have direct consequences to physiologic functions such as mucus production 
and gametogenesis.  Some of the histopathologic changes were reversible (i.e., swelling), 
with improvements in tissue condition after the 1-week recovery period.  However, other 
histopathologic changes were not reversible (e.g., necrosis) and may have induced greater 
mortality of entire specimens given a longer treatment exposure or recovery period.  The 
1-week recovery period was not long enough to observe major improvement or repair to 
coral tissues and cells on a histological basis.  In contrast, gross morphological stress 
responses slightly abated during the recovery period.  This further underscores the 
sensitivity and responsiveness of histologic/histopathologic alterations to environmental 
perturbations. 
In this study, histopathologic changes reflected structural damage to coral tissues and 
cells, indicating functional impairment and, thus, stress.  Histopathologic changes, 
therefore, provided a means of assessing and comparing the effects of stress induced by 
sedimentation and phosphate. 
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APPENDIX 1.  Physical Parameters of Aquaria 
 
Mean weekly ammonia was ≤ 0.08 ppm, and mean daily nitrate was below detectable 
levels (< 0.25 ppm) for all treatments throughout the experiment.  Mean daily temperature 
for the control was 25.3 ºC (± 1.0 SD), 24.7 ºC (± 1.1 SD) for sand, 24.7 ºC (± 1.0 SD) for 
phosphate, and 25.0 ºC (± 1.3 SD) for the sand + phosphate treatment.  Minor temperature 
fluctuations caused by a cold front and air conditioner malfunctions occurred.  However, 
all tanks were within ± 1.0 ºC of each other throughout the experiment (Figure A).  
Statistically significant differences in mean daily temperature were found between 
treatments (p < 0.05, ANOVA); however, differences were ± 0.5 ºC and not believed to 
have been biologically significant.  Mean daily salinity for the control was 34.8 ppt 
(± 0.7 SD), 35.3 ppt (± 0.7 SD) for sand, 35.2 ppt (± 0.7 SD) for phosphate, and 35.2 ppt 
(± 0.7 SD) for the sand + phosphate treatment (Figure A).  Stastically significant 
differences were found between treatments for mean daily salinity (p < 0.05, ANOVA); 
however, differences were ± 0.6 ppt and not believed to have been biologically 
significant.  Mean daily pH was 8.0 (± 0.1 SD) for all treatments, with some significant 
differences (p < 0.05, ANOVA); however, differences were ± 0.03 pH and believed to 
have been biologically insignificant. 
 
Weekly means for temperature, salinity, and pH were also compared among treatments 
(Figure B).  Several statistically significant differences occurred between treatments 
during Weeks 1 to 3 for salinity and pH (p < 0.05, 2-way ANOVA).  These significant 
differences may have been influenced by additions of sand, phosphate, and/or shed coral 
mucus.  However, differences were not likely to have been biologically significant as  
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difference in pH was ± 0.22 and salinity ± 1.0 ppt.  No statistically significant 
relationships between mean weekly temperature, salinity, or pH were found (p > 0.05, 
r2 ≤ 0.19, multiple regression). 
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Abbreviations:  C = control; S = sand; P = phosphate; S + P = sand + phosphate. 
 
Figure A.  Mean daily pH, salinity, and temperature, with water changes and temperature 
fluctuations denoted. 
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       A/C off 
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Abbreviations:  C = control; S = sand; P = phosphate; S + P = sand + phosphate. 
 
Figure B.  Mean weekly pH, salinity, and temperature. Stastically significant differences within 
the same week are denoted by shared letters. 
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APPENDIX 2.  Phosphate Concentrations in Aquaria 
 
Mean weekly phosphate concentrations during the experimental period (Weeks 1 to 4) 
were 3.21 μM (± 1.19 SD) for the phosphate and 4.03 µM (± 1.42 SD) for the 
sand + phosphate treatment (Figure C).  However, mean weekly phosphate 
concentrations between these two treatments were not significantly different within the 
same week, for Weeks 2 to 5 (p > 0.05, 2-way ANOVA).  Mean weekly phosphate 
concentrations were significantly different between the control and the sand treatment 
(within the same week) for Weeks 2 to 4.  The sand + phosphate treatment was 
significantly different from both the control and the sand treatment (within the same 
week) for Weeks 1 to 5 (p < 0.05, 2-way ANOVA).  It is probable that an inorganic form 
of phosphate was present in the sand used in the experiment.  The sand treatment had a 
higher phosphate concentration compared to the control, and the sand + phosphate had a 
higher concentration compared to the phosphate only treatment.  The calibration curve 
used to calculate phosphate concentrations is displayed in Figure E. 
 
No statistically significant relationships between mean weekly phosphate and mean 
weekly salinity, pH, or temperature were found (p > 0.05, r2 ≤ 0.14, multiple regression).  
Best fit curves in the mean daily phosphate concentration graph show parabolic trends for 
phosphate-dosed treatments, a slightly decreasing linear trend in the sand treatment, and a 
steady linear trend (with concentrations remaining less than 1.0 µM) for the control over 
the course of the experiment (Figure D). 
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Abbreviations:  C = control; S = sand; P = phosphate; S + P = sand + phosphate. 
 
Figure C.  Mean weekly phosphate concentration.  Significant differences within the same week 
are denoted by shared letters. 
 
 
 
 
 
 
Abbreviations:  C = control; S = sand; P = phosphate; S + P = sand + phosphate. 
 
Figure D.  Mean daily phosphate concentration. 
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Abbreviations:  Abs = absorbance; Conc = concentration. 
 
Figure E.  Standard curve based on absorbance of standard solutions used to calculate phosphate 
concentrations in experimental aquaria. 
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APPENDIX 3.  Additional Summary of Gross Morphologic Changes 
Table A.  Summary of gross morphologic changes.  Numbers are percentage of tanks with corals 
exhibiting the condition after each week of treatment or recovery, compared to field and 
acclimated specimens.  For each row, n=4 except ACL where n=16. 
 
 
Abbreviations:  FLD = field; ACL = acclimated; C = control; S = sand; P = phosphate; 
S + P = sand + phosphate; RET = retraction; BLCH = bleached; CYAN = cyanobacteria; 
WT = white tips. 
Treatment Time Mild   
RET 
Moderate 
RET 
Severe 
RET 
Palor BLCH 
Bases 
CYAN WT 
Absent 
ACL  0 13 0 6 6 0 0 
         
C  Week 1 25 33 17 33 0 0 0 
C Week 2 17 75 0 33 0 0 0 
C Week 3 50 42 0 58 0 0 8 
C Week 4 13 56 25 69 0 0 0 
C Recovery 25 65 25 70 0 0 0 
         
S Week 1 17 42 0 42 0 0 0 
S Week 2 42 42 0 8 0 0 0 
S Week 3 33 42 0 25 8 0 8 
S Week 4 56 44 0 31 70 10 0 
S Recovery 70 40 0 10 70 10 30 
         
P Week 1 33 17 0 25 0 0 25 
P Week 2 17 42 0 8 0 0 8 
P Week 3 42 25 0 25 0 67 0 
P Week 4 44 44 6 50 0 100 0 
P Recovery 60 50 0 30 0 100 0 
         
S+P Week 1 8 33 0 25 25 0 0 
S+P Week 2 50 0 0 0 8 0 8 
S+P Week 3 50 17 0 8 17 0 25 
S+P Week 4 56 50 0 0 25 25 44 
S+P Recovery 60 20 0 0 25 10 45 
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APPENDIX 4:  Histologic Staining Protocols 
Harris Hematoxylin and Eosin Staining Protocol (modified): 
 
I.   Deparaffinize 
 
3 Xylene:           3 minutes each 
3 100 % EtOH:          3 minutes each 
1 95 % EtOH:           2 minutes 
1 80 % EtOH:           2 minutes 
1 DI Water:           2 minutes 
 
II.  Restore Basophilia 
 
5 % Sodium Bicarbonate:         3 hours 
 
III. Stain 
 
Harris Hematoxylin:         2.5 minutes 
Running Tap Water Wash:         ≥ 2 minutes 
0.25 % Acid Alcohol:         1 dip 
DI Water:           several dips 
0.25 % Ammonium Hydroxide:    2 minutes 
DI Water:           1 minute 
95 % EtOH:           2 minutes 
Eosin/Phloxine:          15 seconds 
95 % EtOH:           2 minutes  
 
IV.  Dehydrate and Clear 
 
3 100 % EtOH:             3 minutes each 
3 Xylene:          3 minutes each 
 
V.   Coverslip 
 
 
 
 
 
 
 
 
 
 
 
 
110
 111
Movat’s Modified Pentachrome Staining Protocol (further modified): 
 
I.   Deparaffinize 
 
3 Xylene:        3 minutes each 
3 100 % EtOH:       2 minutes each 
1 95 % EtOH:        2 minutes  
1 80 % EtOH:        2 minutes  
 
II.  Restore Basophilia 
 
Helly’s Solution (sans formaldehyde): 24 hours 
Running Tap Water Wash:      24 hours 
 
III. Stain 
 
Alcian Blue:        40 minutes 
Running Tap Water Wash:      ≥ 3 minutes 
Alkaline Alcohol:       2 hours 
DI Water:        2 minutes 
Weigert’s Iron Hematoxylin:     3 minutes 
Running Tap Water Wash:      4 to 5 minutes 
DI Water:        2 minutes 
Brilliant Crocein MOO:      30 seconds 
0.5 % Glacial Acetic Acid:      6 minutes 
5 % Phosphotungstic Acid:      7 minutes 
0.5 % Glacial Acetic Acid:      2 minutes 
3 100 % EtOH:       2 minutes each 
Saffron:        7 minutes 
 
IV.  Dehydrate and Clear 
 
3 100 % EtOH:       2 minutes each 
3 Xylene:        3 minutes each 
 
V.   Coverslip  
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Masson Trichrome Staining Protocol: 
 
I.   Deparaffinize 
 
3 Xylene:              3 minutes each 
3 100 % EtOH:             2 minutes each 
1 95 % EtOH:             2 minutes 
1 80 % EtOH:             2 minutes 
1 DI Water:               1 minute 
 
II.  Mordant 
 
Bouin Solution, 56 ºC:            1 hour 
Running Tap Water Wash:            until water runs clear 
DI Water:             several dips 
 
III. Stain 
 
Weigert Hematoxylin:          10 minutes 
Running Tap Water Wash:            10 minutes 
DI Water:             several dips 
Biebrich Scarlet-Acid Fuchsin Solution:    2 minutes 
DI Water:            several dips 
Phosphomolybdic/Phosphotungstic Acid:  10 to 15 minutes 
Aniline Blue:            5 minutes 
DI Water:            several dips 
1 % Acetic Acid           3 to 5 minutes 
 
IV.  Dehydrate and Clear 
 
2 95 % EtOH:             2 minutes each 
2 100 % EtOH:           2 minutes each 
3 Xylene:            2 minutes each 
 
V.   Coverslip 
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Gomori Methenamine-Silver Staining Protocol: 
 
I.   Deparaffinize 
 
3 Xylene:        3 minutes each 
3 100 % EtOH:       2 minutes each 
1 95 % EtOH:       2 minutes 
1 80 % EtOH:       2 minutes 
 
II.  Stain 
 
Working Methenamine-Silver  
Nitrate Solution, 60 ºC:     30 minutes 
DI Water:      several dips 
3 % Sodium Thiosulfate:    5 minutes 
Running Tap Water Wash:    2 to 3 minutes 
2 DI Water:        several dips each 
Working Light Green Solution:     2 minutes 
 
III. Dehydrate and Clear 
 
2 95 % EtOH:      2 minutes each 
2 100 % EtOH:     2 minutes each 
3 Xylene:      2 minutes each 
 
IV.  Coverslip 
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Alcian Blue-Periodic Acid Schiff-Hematoxylin Staining Protocol (modified): 
  
I.   Deparaffinize 
 
3 Xylene:        3 minutes each 
3 100 % EtOH:       2 minutes each 
1 95 % EtOH:       2 minutes 
1 80 % EtOH:       2 minutes 
1 DI Water:        2 minutes 
 
II.  Stain 
 
3 % Periodic Acid:       1 minute 
Alcian Blue:      30 minutes 
Running Tap Water Wash:    until water runs clear 
DI Water:      several dips 
5 % Periodic Acid     5 minutes 
3 DI Water:        several dips each 
Schiff Reagent:     15 minutes 
2 0.5 % Potassium Metabisulfite:     1 minute each 
Running Tap Water Wash:    10 minutes 
Harris Hematoxylin:      1 dip  
Running Tap Water Wash:      until water runs clear 
 
III. Dehydrate and Clear 
 
2 95 % EtOH:      2 minutes each 
2 100 % EtOH:     2 minutes each 
3 Xylene:      2 minutes each 
 
IV.  Coverslip  
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